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Preface

Developmental biology is one of the most exciting and fast-growing fields to-
day. In part. this is so because the subject matter deals with the innately fascinating
biological events—changes in form, structure, and function of the organism. The other
reason for much of the excitement in developmental biology is that the field has truly
become the unifying melting pot of biology, and provides a framework that integrates
anatomy, physiology, genetics, biochemistry, and cellular and molecular biology, as
well as evolutionary biology. No longer is the study of embryonic development merely
“embryology.” In fact, development biology has produced important paradigms for
both basic and clinical biomedical sciences alike.

Though modern developmental biology has its roots in “experimental embryol-
ogy” and the even more classical “chemical embryology,” the recent explosive and
remarkable advances in developmental biology are critically linked to the advent of
the “cellular and molecular biology revolution.” The impressive arsenal of experi-
mental and analytical tools derived from cell and molecular biology, which promise to
continue to expand, together with the exponentially developing sophistication in func-
tional imaging and information technologies, guarantee that the study of the develop-
ing embryo will contribute one of the most captivating areas of biological research in
the next millennium.

There is a demonstrated need for students of developmental biology to be knowl-
edgeable of the breadth and depth of the available experimental methodologies, by
necessity derived from multiple disciplines, which are applicable to the study of the
developing embryo. In particular, because developmental biology deals with multiple
model systems, from organismal to tissue and cell levels, as well as a wide range of
“change”-related biological activities, the investigator is often frustrated as to how
his/her findings relate to those obtained in another model system and/or by using dif-
ferent reagents or functional markers, Compared to other more strictly defined fields
of biological research, the number of “reference” publications that deal specifically
with the practical aspects of experimental developmental biology are, however, rela-
tively scarce.

Developmental Biology Protocols grows out of the need for a comprehensive
laboratory manual that provides the readers the principles, background, rationale, as
well as the practical protocols, for studying and analyzing the events of embryonic
development. This three-volume set, consisting of 142 chapters, is intentionally broad
in scope, because of the nature of modern developmental biology. Information is
grouped into the following topics: (1) systems—production, culture, and storage; (2)
developmental pattern and morphogenesis; (3) embryo structure and function; (4) cell
lineage analysis; (5) chimeras; (6) experimental manipulation of embryos; (7) appli-
cation of viral vectors; (8) organogenesis; (9) abnormal development and teratology;
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(10) screening and mapping of novel genes and mutations; (11) transgenesis produc-
tion and gene knockout; (12) manipulation of developmental gene expression and func-
tion; (13) analysis of gene expression; (14) models of morphogenesis and development;
and (15) in vitro models and analysis of differentiation and development.

Throughout Developmental Biology Protocols, the authors have consistently
striven for a balanced presentation of both background information and actual labora-
tory details. It is believed that this highly practical format will permit readers to bring
the concepts and principles we present into their personal research practices in a most
efficient manner. Specifically, the wide range of model systems and multidisciplinary
experimental techniques presented here should lower the “activation energy” for the
student of developmental biology to become a contributing member of this exciting
scientific discipline. In addition, teachers of developmental biology at all levels should
also readily find relevant and useful information to enrich the experience of their stu-
dents.

The practice of developmental biology is currently in a state of constant change,
reflecting the close relationship of the field to other rapidly developing fields of bio-
logical research, particularly cell and molecular biology, and imaging and informa-
tion technology. The materials presented in this three-volume set are therefore the
beginning of a project that will involve continuous update and upgrade to reach and
enhance the scientific endeavors of developmental biologists at large.

The production of Developmental Biology Protocols would not have been pos-
sible without the outstanding work of the contributing authors who share here with the
readers the hands-on wisdom they have earned in the laboratory. We are grateful for
their intellectual contributions as well as their remarkable tolerance to our constant
reminders. Tom Lanigan and his staff at Humana Press worked diligently on the project
to ensure a final product of the highest quality. Chuck, our young son, persevered
throughout the gestation period of the project, and constantly demonstrated to us the
meaning of “developmental biology.”

Our final, heartfelt thanks go to Lynn Stierle, who expertly and single-handedly
maintained the massive organization of the manuscripts and the correspondence (snail-
mail and e-mail), as well as the sanity of the editors! Michelle Levinski also provided
valuable assistance in proofreading the final production.

Finally, we hope that these volumes will find their place on the laboratory shelves,
with their pages well soiled and their contents tried and tested, and prove their utility
as an everyday resource for the students of developmental biology, the most exciting
discipline of biology for many decades to come!

Rocky S. Tuan, PhD
Cecilia W. Lo, PhD
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Developmental Biology Protocols
Overview |

Rocky S. Tuan and Cecilia W. Lo

1. Introduction

As the next millennium dawns, developmental biology, the study of the processes
that give rise to cellular diversity and order within an organism and to the continuation
from one generation to the next, has reached a most exciting stage as an experimental
science. In particular, in the last two decades, the application of analytical and techni-
cal know-hows generated from the “molecular biology revolution” have critically
advanced our understanding of development in a mechanistic way. There is every rea-
son to believe that the study of development will be one of the most promising areas of
the life sciences in the next millennium.

The goal of this three-volume set of Developmental Biology Protocols is to provide
the reader with a richly annotated compendium of protocols representing current, state-
of-the-art experimental approaches used in the study of development. The scope of the
volumes is intentionally broad, as modern developmental biology is by necessity a
wide-ranging discipline, involving multiple experimental systems, as well as using
techniques generated from many fields. This chapter provides a brief overview of the
protocols covered in this volume.

2. Systems: Production, Culture, and Storage

Beginning with Aristotle’s elegant descriptive treatise on avian embryonic develop-
ment (doubtlessly prompted by the incorporation of eggs as a food staple!), the use of
animal model systems has been one of the most important aspects of the study of devel-
opment. This volume has selected three model systems, echinoderm (sea urchin; Chap-
ters 2 and 3), avian (chicken; Chapters 4, 5, and 6), and rodents (mouse; Chapters 7, 8,
and 9), to illustrate the requirements and rationales for using particular model systems
for the study of embryonic development. Readers are advised to consult other more
specialized literature sources exclusively dedicated to a particular system for similar
information on other experimental model systems of development, such as Xenopus,
Coenorhabditis elegans, Drosophila, and zebrafish.

From: Methods in Molecular Biology, Vol. 135: Developmental Biology Protocols, Vol. |
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3. Developmental Pattern and Morphogenesis

This section focuses on how the pattern and formation of specific organs and tissues
may be experimentally examined. Examples include the analysis of inductive interac-
tions (Chapter 11) and gastrulation and mesodermal patterning (Chapter 12), and the
examination of head and brain (Chapter 10), craniofacial (Chapter 13) and axial skel-
etal development (Chapter 14), as well as cardiac morphogenesis (Chapter 15).

4. Embryo Structure and Function

The study of embryonic development depends on the precise analysis of structure
and function in order to detect changes in form and shape as well as biological activi-
ties, particularly if experimental perturbations are performed. This section provides
state-of-the-art methodologies for histological and immunohistochemical analyses
(Chapters 16, 18, and 20), and high-resolution imaging using confocal laser scanning
microscopy (Chapters 17, 19, and 20) and ultrasound backscatter microscopy (Chapter 23).
Functional analyses include magnetic resonance imaging (Chapter 21), optical coher-
ence tomography (Chapter 22), Doppler echocardiography (Chapter 24), and cellular
calcium imaging (Chapter 25). The exciting application of information technology to
imaging is highlighted in Chapter 26, which describes softwares developed for the
acquisition, display and analysis of digital three-dimensional time-lapse data sets.

5. Cell Lineage Analysis

One of the ongoing challenges of developmental biology is to map the origin
and the fate of progenitor cells in the course of tissue patterning and morphogen-
esis. This section presents examples of the many markers and microscopic imaging
methods currently used. Cell labeling with fluorescent dyes is described (Chapters 30,
33, and 34). Gene markers, introduced recombinantly into specific cell populations, are
powerful tools for cell lineage analysis (Chapters 27, 28, and 29). These approaches,
coupled with new microscopic and digital computing instrumentations (e.g., Chapter 31),
have provided exciting new information on cell lineage during development in many
model systems.

6. Chimeras

Chimeras refer to individuals made up of the parts of more than one individual.
Experimentally, by grafting cells or tissue from one embryo (donor) to another (host),
transplantation chimeras can be produced in many species and often between species.
Provided specific detection methods are available, such chimeras allow the investiga-
tor to follow a specific group of cells (the graft) through a period of development and to
determine the fates and locations of their progeny. Chapters in this section cover mul-
tiple systems and approaches in using the chimera technology, both intra- and interspe-
cific. Because of the oviparous nature of their development, avian embryos, specifically
those of the chicken and quail, have long been used to generate transplantation chime-
ras (Chapters 35, 36, and 37). Recently, grafting technology has also been developed
for mouse embryos (Chapter 39), as well as for interspecific chimeras, particularly in
the analysis of neural crest cells (Chapter 40) and somites and neural tube (Chapter 41).
For mouse embryos, the establishment of the embryonic stem cell (ES) technology has
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been one of the most important advances in transgenesis. The utilization of ES cells in
the production of chimeras to permit developmental analysis is covered in Chapter 38.
In the case of C. elegans, an animal whose nearly invariant cell lineage has been fully
described, the use of genetic mosaics (i.e., individuals that harbor both genotypically
mutant and genotypically wild-type cells), has been invaluable in determining the cells
that need to inherit a functional copy of a gene in order to prevent a mutant phenotype
(Chapter 42).

7. Experimental Manipulation of Embryos

A common theme in most of the chapters of this volume is the versatility of the
developing embryo as an experimentally accessible system. In fact, it is the prospect of
applying contemporary analytical tools to revisit “experimental embryology” that is
creating the excitement among modern developmental biologists. This section describes
some of the current methodologies in experimental embryology: (1) carrier-mediated
delivery of growth factors (Chapter 43); (2) laser ablation and fate mapping (Chapter 44);
(3) photoablation of cells expressing B-galactosidase (Chapter 45); and (4) ex utero
surgery (Chapter 46). Given that many transgenic animals used in the study of devel-
opment harbor the LacZ reporter gene under the regulation of promoters of putative
importance, the ability to specifically ablate those cells that express B-galactosidase is
of great potential application in assessing the functional importance of specific cell
populations in development.

8. Application of Viral Vectors in the Analysis of Development

Retrovirus and adenovirus are the two most commonly used viral vectors for gene
transduction in vertebrates. This section details the protocols in the construction and
production of retroviral vectors (Chapter 47), the application of retroviral vectors in
gene transduction in limb mesenchyme cultures (Chapter 48), and the construction of
adenoviral vector (Chapter 49) and its application in the analysis of eye development
and cardiovascular development (Chapters 50 and 51).

Volume I provides the reader with sophisticated and current information on issues
of primary importance to experimental developmental biology. Practical details on the
acquisition and setting up of the appropriate experimental model system, the means to
analyze embryonic structure/function, the ways to perturb these processes both experi-
mentally as well as taking advantage of current recombinant techniques, and the analy-
sis of cell lineage, should all be of great utility to both the beginning and seasoned
developmental biologists.
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Rearing Larvae of Sea Urchins
and Sea Stars for Developmental Studies

Christopher J. Lowe and Gregory A. Wray

1. Introduction

Sea urchins have long been used to study morphogenesis and cell fate specification
and are an established model system in developmental biology (1). Most contemporary
studies have focused on early development, however, and few molecular genetic
studies have examined larval development, or the formation of the highly derived
radial body plan of the adult (2). A better understanding of the molecular genetic basis
of both the body plans of this phylum may contribute significantly to several fields of
biology (3,4).

Despite over a century of debate, the evolution of the chordate body plan from its
invertebrate ancestors is still a contentious issue (5-8). As a group closely related to
the chordates (8), echinoderms are in a crucial phylogenetic position for reconstructing
the evolution of the chordate body plan (7). The common ancestor of hemichordates,
echinoderms, and chordates may have had a larva that resembled the early feeding
larva of echinoderms (5). Garstang proposed that the ciliated band of such a larva was
modified by a dorsal fusion, resulting in the formation of structure that was further
modified to become the chordate neural tube. A greater understanding of the molecular
genetics of echinoderm larval development may provide critical insights into the evo-
lution of key chordate innovations such as the neural tube and notochord (8).

The orthologs of many body-patterning genes present throughout the bilateria have
been isolated from echinoderms (9,10). Understanding how these genes (seemingly so
conserved in patterning the embryos of diverse metazoans), function to establish the
echinoderm radial adult body secondarily from a bilateral larva should provide insights
into the role of animal body-patterning genes in morphological evolution (3,4). Pre-
liminary studies have proposed that the evolution of many novel aspects of echinoderm
morphology was associated with recruitment of body-patterning genes into several new
developmental roles (2,11).

Larval culturing techniques are described for three echinoids (Lytechinus variegatus,
Strongylocentrotus purpuratus, and Strongylocentrotus droebachiensis) and one aster-
oid (Pisaster ochraceus). These species were chosen based primarily on practical con-
siderations, adult availability and robustness, length of reproductive season, and ease

From: Methods in Molecular Biology, Vol. 135: Developmental Biology Protocols, Vol. |
Edited by: R. S. Tuan and C. W. Lo © Humana Press Inc., Totowa, NJ

9



10 Lowe and Wray

of rearing. Sea urchin species were chosen because of the extensive developmental
research already available from embryogenesis, and the asteroid, P. ochraceus, was
chosen because the early bipinnarian larva may be ancestral to the echinoderms and
therefore appropriate for testing hypotheses of chordate origins. Large amounts of lar-
val material can be reliably reared using the protocols presented here. Much of the
protocol described in the chapter is appropriate for rearing other echinoderm species
and marine invertebrates.

2. Materials

1. Sterilized 0.53M KCI.

2. 1-Methyladenine (Sigma, St. Louis, MO) 100 uM (1-MA) in seawater. Store at 4°C for up
to 1 wk.

3. Seawater, 0.4-um filtered (Millipore, Bedford, MA) or MBL artificial seawater (12)
(composition per liter: 24.72 g NaCl, 0.67 g KCl, 1.36 g CaCl, - 2H,0, 4.66 g MgCl, -
6H,0, 6.29 ¢ MgSO, - TH,0, 0.180 g NaHCO;. Final salinity 31% pH approx 7.6 with
0.1N NaOH).

4. Sterilized algal culturing medium (see Note 1). Composition per liter: 1 L MBL artificial
seawater and 129 UL of both A and B solutions of F/2 Algae Food (Fritz Industries, Dal-
las, TX) or 1 L MBL artificial seawater and 1 tube of Alga Gro® (Carolina Biological
Supply Co., Burlington, NC).

5. Phytoplankton: Rhodomonas lens and Dunaliella tertiolecta (Algal Culture Collection,
Botany Department, University of Texas, Austin, TX).

6. Embryological glass and labware (see Note 3).

7. Gravid adult echinoderms. Species and collection contacts: Lytechinus variegatus (Susan
Decker, Davie, FL); Strongylocentrotus droebachiensis (Marine Biological Laboratory,
Woods Hole, MA); Strongylocentrotus purpuratus and Pisaster ochraceus (Marinus, Long
Beach, CA; Pacific Biomarine, Venice, CA).

3. Methods

For aquaria requirements and adult maintenance, refer to Note 2. All culturing
glass and labware used for culturing should be clearly marked and maintained as
separate stock (see Note 3). Refer to Note 4 for a discussion of specific rearing
requirements for each species. Procedures for rearing other echinoderm larvae are
described in (14).

1. Collection of sea urchin gametes: Invert urchin and inject approx 2 mL of 0.53M KCl into
the coelomic cavity by directing the syringe needle through the peristomial membrane
between the mouth and the perimeter of the test (see ref. 13 for description of adult
anatomy). Repeat injection several times at different points around the peristomial mem-
brane to ensure that each of the five gonads, lying on the inside of the test, are exposed to
KCI. Place the inverted urchin onto the rim of a beaker filled with seawater (at the appro-
priate temperature, see Note 4), and wait for the urchin to spawn gametes through the
gonopores at the apex of the test on the aboral side. Spawning typically begins approx 30 s
after injection. Oocytes will fall in streams to the bottom of the beaker. Collect oocytes
and rinse several times by allowing the eggs to settle, resuspending in seawater, and
decanting. Sperm is white and will rapidly cloud the seawater. Once identified by release
of sperm, males should be removed from the seawater and sperm collected “dry” by
Pasteur pipet (Note 5).
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2.

Collection of asteroid gametes: Spawning of gametes is induced by injection of
100 pM 1-methyladenine through the body wall and into the lumen of each arm close to
the disk (see ref. 13 for description of anatomy). 1 mL of 1-MA should be injected for
every 100 mL of body volume (see Note 6). Animals should be separated from each other,
placed into buckets, covered with seawater at 12°C and left for approx 2 h. Spawning
should begin shortly thereafter. Eggs and sperm are released through the gonopores on the
aboral surface of each arm close to the disk. Sperm should be collected “dry” (see Note 5).
Females are often very fecund. Collect oocytes, decant off seawater, and rinse several
times in filtered seawater.

Fertilization: Fertilize eggs from stages 1 or 2 within 1 to 2 h (sooner if possible). For both
asteroids and echinoids, dilute one drop of “dry” sperm in 100 mL of filtered seawater.
Add 20 drops of this sperm suspension to each 200 mL of egg suspension and stir for
2 min. Allow eggs to settle, then resuspend in fresh filtered seawater (14). For sea urchins,
fertilization success can be determined by checking for raised vitelline envelopes under
the microscope within minutes. For asteroids, the first unambiguous sign of successful
fertilization will be cell division.

Culture of embryos: Zygotes should be transferred to large glass containers (1 gal pickling
jars are ideal) and should not exceed a density of more than a monolayer on the bottom of
the container. Embryos should be left to develop, at the appropriate temperature, until
hatching (see Note 7). The seawater should be changed and cultures cleaned when the
embryos begin swimming, to remove the shed vitelline envelopes, as these promote bacte-
rial growth. The density of the hatched blastula should not exceed 1 individual/mL. Trans-
fer excess embryos into new containers. Higher density cultures result in asynchrony and
developmental abnormalities and increase risk of cultures crashing unpredictably (Note 8).
After embryos have hatched, cultures should be stirred gently with paddles (Note 9).
Maintaining larval cultures: Seawater should be changed at least every other day, more
often if there is evidence of algal or bacterial growth. Changing seawater requires care, as
the larvae are easily damaged. S. droebachiensis is relatively robust, but both L. variegatus
and P. ochraceus are particularly fragile. Several methods can be used for this purpose
(14). We prefer using a 200-mL plastic beaker whose bottom has been removed and cov-
ered with a Nytex® mesh, as this is the most efficient method for processing large numbers
of cultures. The beaker is submerged in a shallow dish and placed in a sink (see Note 10),
and cultures are gently poured into the beaker. The water flows through the Nytex mesh
and overflows out of the shallow dish retaining the larvae behind the Nytex mesh. Fresh
filtered seawater should be gently poured through to wash the larvae (several times).
The culture container should be rinsed once with hot fresh water and once with filtered
seawater before larvae are returned to it. To transfer larvae, gently pour the contents of the
mesh-bottom beaker back into the clean container or pipet them using a turkey baster.
Culture feeding: Larvae should be fed every 2 d. From dense cultures of R. lens and
D. tertiolecta (approx 10° cells/mL), spin down algal cells at 5000 rpm for 1 min. Pour off
the supernatant, and resuspend the algal pellet in seawater to original starting volume.
Failure to replace algal growth media will result in increased bacterial growth in cultures.
Calculate the algal density with a hemacytometer and add an appropriate amount of each
alga to reach a total of between 8000 and 10,000 cells/mL (see Note 11).

Algal culturing: Algae should be grown under full-spectrum fluorescent lights and aer-
ated. A small aquarium pump can be used to aerate cultures. Syringe filters (Acrodisc®,
0.2 um, Gelman Sciences, Ann Arbor, MI) can be inserted in the air lines to prevent cul-
ture contamination. For small cultures (100-200 mL), sterile Pasteur pipets can be used to
aerate. Larger cultures require a larger-bore glass tube (such as 5- or 10-mL glass pipets)
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Fig. 1. (See color plate 1 appearing after p. 258.) Larvae of sea urchins and sea stars.
All larvae are oriented with anterior up. (A) Bipinnaria larva of Pisaster ochraceus. A convo-
luted ciliated band is used for both locomotion and feeding (white arrow). The mouth is located
in the mid anterior on the ventral surface (black arrow) and leads into the esophagus and stom-
ach. (B) Brachiolarian larva of Evasterias troschelii with larval morphology very similar to
that of Pisaster ochraceus. Later brachiolarian larvae develop large arms extending the length
of the ciliated bands, and increase greatly in size. The development of the adult rudiments
begins on the left hand side of the larva, spreading around the stomach to the right hand side
(white arrow). (C) Pluteus larva of Lytechinus variegatus. Development of larval spicules sup-
port the extension of the ciliated band into arms, which are used for both feeding and locomotion.
(D) Late larva of Strongylocentrotus droebachiensis close to metamorphosis. Development of
the adult is clearly visible on the left hand side of the larva. The oral surface of the adult is
against the larval ectoderm on the left-hand side of the larva. Larval structures such as the
spicules are still clearly visible.
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to maintain adequate culture mixing. Use only embryological labware (see Note 3), and
maintain sterile technique when opening flasks. Foam bungs are convenient for sealing
the flask. Starter culture innoculae arrive in small volumes. Add double the volume of
sterilized algal media in a small sterile Erlenmeyer flask, and aerate with enough force
to cause circulation of medium within the flask. Cultures should be doubled in volume
every day, or every other day, by adding fresh medium, up to a final vol of 3 L. Every
2-3 d, dilute the cultures with at least an equal volume of fresh algal medium. R. lens
will become a deep purple color with increasing density, and D. teriolecta will be bright
green. Optimal density for algae is approx 103 cells/mL. Maintain several cultures of
each alga at staggered densities to ensure a continuous supply of dense algae through-
out rearing.

Figure 1 shows the larval morphology of early and late feeding larva of sea urchin and
sea star development. For complete description of the development of these species,
refer to (16,17).

4. Notes

1.

2.

Autoclave seawater for 15 min on a liquid cycle. Extended autoclaving causes salts to
precipitate out of solution. Seawater may be boiled briefly if an autoclave is not available.
Aquarium and adult requirements: Adult echinoderms should be kept in circulating marine
aquaria. Ideally, several filter sets should be used: under gravel filter, activated charcoal
filter, and particulate filter. Artificial seawater may be used (e.g., Instant Ocean®) but
filtered natural seawater is preferable. Periodic checks on levels of nitrate, ammonia,
nitrite, and pH should be carried out. Ask collectors to ship adult animals overnight to
minimize losses in transit. Before placing animals into aquaria, remove any individuals
that have spawned or are in the process of spawning. Check at regular intervals over the
first 24-h period for spawning individuals and remove them from the aquaria. Presence
of gametes in the seawater can induce mass spawning. Animals should be fed periodi-
cally to maintain ripe gonads. Echinoids can be fed sliced grapes or carrot shavings,
and P. ochraceus should be fed live mussels.

Larval culturing requires laboratory space and glassware designated only for larval rear-

ing. All materials and work areas should be kept free of detergent, toxins, fixatives, and

heavy metals and should be washed only with fresh water. Label glass and plastic ware to
avoid contamination.

The choice of species depends on a variety of factors, including:

a. Available culture and aquaria facilities: Adult S. purpuratus, S. droebachiensis, and
P. ochraceus require chilled seawater aquaria between 12 and 15°C. Ideally their lar-
vae should also be reared between 12 and 15°C. Maintenance of adult L. variegatus
requires heated seawater aquaria between 22 and 28°C, but their larvae can easily
be reared at room temperature. S. droebachiensis and L. variegatus are usually easier
to rear successfully than S. purpuratus and P. ochraceus.

b. Experimental purpose of larval rearing: If the purpose of rearing larvae is for molecu-
lar genetic studies, then S. purpuratus or L. variegatus are recommended, as more
molecular genetic information has been accumulated for these species. No asteroids
are commonly used in developmental studies, but P. ochraceus is the most easily col-
lected and maintained.

Once sperm are diluted in seawater, their motility declines rapidly. Collect sperm with as

little seawater as possible (14). Undiluted sperm may be stored for up to 3 d at 5°C.

Asteroid oocytes are arrested in meiosis. Completion of meiosis and spawning is stimu-

lated by exposure to 1-MA.
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1.

Lowe and Wray

Optimal rearing Time Tolerance
Species temperature (°C) to hatching (h) range (°C)
S. purpuratus 15 ~18 10-18
S. droebachiensis 12 ~24 10-15¢
L. variegatus 28 ~8 20-28
P. ochraceus 12 ~29-32 10-15¢

“We have had some success with rearing cold-water species at room temperature by
allowing the embryos to first gastrulate at their optimal rearing temperature, then gradually
increasing the culture temperature to room temperature. Larvae of individuals collected at
lower latitudes in their range are probably more temperature tolerant than populations from
more northern latitudes.

After (14) and (15).

Generally larvae are less affected by density at early developmental stages and become
increasingly sensitive as they grow. If the purpose of rearing is to obtain large quantities
of larvae at a range of developmental stages, then earlier cultures may be maintained at
higher densities and gradually thinned as each developmental time point is sampled.
Late larvae of P. ochraceus are particularly sensitive to high densities. If there is a large
amount of heterogeneity in developmental rate within the culture, then the density is
probably too high.

Cultures should be stirred. Strathmann (14) describes several methods of culture stir-
ring. We suggest the use of plastic paddles and a low rpm motor (Grainger Scientific,
Lake Forest, IL). Large quantities of larvae may be reared using this apparatus. Use of a
stir bar is not recommended. Sea urchins may be reared without stirring if the density
is kept to approx 1 larva/10 mL.

A range of Nytex mesh sizes should be used. When cleaning early larval cultures, use a
30-uM mesh. Increase the size to 100 uM midway through larval development and use
200-puM mesh for late larvae. Larger mesh diameters allow for more effective larval rins-
ing and allow particulate culture contaminants to be washed out. Use a hot glue gun
(not solvent-based glues) to attach the mesh to the base of the plastic beaker from which
the bottom has been removed.

Reducing density and regular feeding will result in rapid and synchronous development.
S. droebachiensis and S. purpuratus can reach metamorphosis in less than 25 d if fed at
the recommended levels. L. variegatus can reach metamorphosis in 12 d if kept at lower
densities but typically will take longer at a density of 1 larva/mL. S. droebachiensis seems
less sensitive to density, and large numbers of larvae can regularly be reared at 12°C to
metamorphosis in less than 30 d. High densities and lower algal densities will slow down
the rate of development. P. ochraceus develops more slowly and can take up to 8 wk until
metamorphosis. However, with low densities and high rates of feeding, metamorphosis
can be reached in 5 wk.
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Large-Scale Culture and Preparation
of Sea Urchin Embryos for Isolation
of Transcriptional Regulatory Proteins

James A. Coffman and Patrick S. Leahy

1. Introduction

The development of a complex multicellular organism from a single-celled zygote
requires that the protein structures encoded in the DNA of the organism’s genome be
expressed in specified cells at specified levels, contingent on specific signals generated
at specific stages of development. In fact, explicit “instructions” that direct gene
expression during metazoan development are also genetically encoded, within regula-
tory domains of genes (1,2). The binding of transcriptional regulatory proteins to spe-
cific DNA sequences within a gene’s regulatory domain serves to modulate the
transcriptional output of the gene, by intermolecular mechanisms of activation or
repression. Genetic cis-regulatory domains therefore constitute information-process-
ing systems that interpret information provided by the cell—that is, transcription fac-
tors active in the nucleus—in terms of transcriptional output. A fundamental approach
to studying the developmental information flow that regulates gene expression is to
characterize both the cis elements and trans-acting factors involved in the control of
developmentally regulated genes (2). In fact, analysis of cis-regulatory systems leads
directly to the characterization of the trans-acting factors, since the latter are proteins
that bind specific DNA sequences with relatively high affinity. This allows their direct
isolation by affinity chromatography on columns bearing specific oligonucleotide tar-
get sites (3-5).

A major technical difficulty of isolating transcription factors is presented by the
fact that they are typically among the least abundant proteins in a cell (4-6). Their
purification therefore requires an abundance of raw material. A particularly good sys-
tem in this regard is the sea urchin. Females of the species Strongylocentrotus
purpuratus typically carry >107 eggs during the peak of their season, and it is thus
possible to recover approx 10'° eggs by spawning 1000 female animals. This is well
over the minimum amount of starting material required to purify even the least abun-
dant transcription factors (5,6). In addition, sea urchin eggs are easily fertilized in vitro
and can be grown in culture, where they develop synchronously into larvae. While the
culture of small (10°-10°) or moderate (10’—10%) numbers of sea urchin embryos is
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relatively straightforward and has been described in detail elsewhere (7), the culture of
huge numbers presents a number of unique technical challenges. Here we describe our
two day procedure for the culture, harvest, freezing, and storage of 1-2 x 100 sea
urchin embryos for the purpose of purifying transcriptional regulatory proteins.

2. Materials

1. Facilities (optimally at a marine lab):

ISR

4°C cold room with plenty of deck space.

16°C culture room big enough to fit 8—10 20-gal trash cans.

Storage carboys containing at least 400 L of filtered seawater at 4°C.
Aeration system large enough to saturate 200 gal of culture media.

. —70°C freezer with plenty of space.

2. Human resources: 12—18 able-bodied humans for day 1, 4-6 for day 2.

3. Sea urchins: 1000-2000 gravid S. purpuratus, supplied by various sources (available by
request from authors).

4. Hardware:

a.

b.

— e = P03

m.

Syringes and needles: 20-cc syringes, 21-gauge needles (Becton-Dickinson, Ruther-
ford, NIJ).

Basins for collecting eggs: rectangular plastic containers (16-cup Ultra Seal, Model
#0228, Sterilite, Townsend, MA), each containing a plastic screen support resting on a
plastic spiral of the same material (All Purpose Plastic Screening, 3/8 in. X 3/8 in.
mesh size, #E-09403-30, Cole-Parmer Instrument Co., Vernon Hills, IL), raising the
screen approx 1.25 in. off the bottom of the container.

Nitex filters and apparatus: (i) For washing eggs (several): 150 uM Nitex mesh (Tetko
Inc., Briarcliff Manor, NY), attached to the small end of a plastic 1-L tricorn beaker
from which the bottom has been cut off. Either a heavy-duty rubber band or the top
half of another tricorn beaker can be used to attach the Nitex. (ii) For collecting
embryos (two): 51 uM Nitex mesh, lining plastic colanders (14 in. diameter X 5.5 in.
deep), attached by plastic clips.

200 1-L plastic tricorn beakers for washing eggs and at least 4 8-L culture vessels
(Nalgene multipurpose jars with lids, 8.3 L, Nalge # 5300-9910, Rochester, NY) for
pooling washed eggs and harvesting embryos.

Culture cans: 8-10 20-gal Rubbermaid refuse containers (19.5 in. X 23.5 in. depth)
with modified lids (Fig. 1).

Stir motors and paddles: For 8-L Nalgene jars (for pooling washed eggs): 3 in. X 4.5 in.
paddles attached to nylon shaft via nylon screws, driven by a 20-rpm motor (Model
#H1-11, H&R, Mt. Laurel, NJ). For large (20-gal) culture cans (for overnight culture;
see Fig. 1): 10 in. X 12 in. nylon paddles attached to 21 in. nylon shaft with nylon
screws, driven by a 60 rpm motor (Model #772RW9040, Bodine Electric, Chicago, IL).
Tubing (3/16 in. ID, 5/16 in. OD) and aquarium airstones for aeration.

Two 15-quart buckets for collecting embryos (Ultra Pail, #1124, Sterilite).

2 large and 2 small wash basins.

8 1-L centrifuge bottles (Nalgene).

Ziploc heavy-duty freezer bags (gallon size).

Heavy-duty aluminum foil.

Liquid nitrogen cylindrical dewer (14 in. diameter X 24 in. deep).

5. Solutions and buffers:

a.

Millipore filtered seawater (MFSW) for sperm suspension, filtered seawater (FSW)
for washing eggs and for cultures.
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Fig. 1. Schematic of large-scale culture system for sea urchin embryos. (A) Side (cutaway)
view showing the following: 1. 20-gal Rubbermaid trash can. 2. Trash can lid. 3. Electric (AC)
motor that drives rotating shaft inserted through a hole in the trash can lid. The motor is mounted
directly onto the lid. 4. Nylon paddle shaft (21 in. long), affixed to the motor shaft with two
nylon screws. 5. Plastic paddle (10 in. X 12 in.), affixed to the paddle shaft with two nylon
screws. 6. Standard aquarium air stone attached to the air line. 7. Stiff thin plastic cylinder
(shower rod cover) used as a passageway for the air line and to keep the airstone away from
the paddle (“air line assembly”). 8. Access hole cut in the trash can lid, bridged by a wooden
block with a hole drilled in the center that serves as a support for the air line assembly. 9. Air line
(5/16 in. OD tubing) connected to a regulated flow of compressed air. 10. Duct tape that wraps
around the motor and air line assemblies, functioning to hold the air line assembly out of
the way of the turning paddle. (B) Top (surface) view of modified trash can lid assembly.
Numbers refer to the same features as in (A).

b. 0.5 M KCL

c. 1 M glucose.

d. Buffer A (TEESSD): 10 mM Tris-HCI, pH 7.4, 1 mM EDTA, 1 mM EGTA, 1 mM spermi-
dine trihydrochloride, 1 mM DTT, 0.36 M sucrose.

e. Liquid nitrogen (80-L bottle).

3. Methods

1. Spawning and collecting gametes: (Note: It is advisable to wear gloves during this proce-
dure to avoid being pricked by spines.) It is not possible to discriminate between male and
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female S. purpuratus without inspecting their gametes. However, a few gametes will often
be shed if the animal is shaken vigorously, allowing selection of females before spawning.
This is advantageous since sperm from only a few males is sufficient to fertilize billions of
eggs—Selecting females for spawning thus saves both time and solutions. Spawning is
induced by injection with 0.5 M KCI. In general, the minimum amount of 0.5 M KCI
required to induce spawning should be used (usually <1 mL per sea urchin), as too much
KCI can have deleterious effects on the gametes. The solution is injected into the coelo-
mic cavity through the peristomial membrane surrounding the mouth (Aristotle’s lantern)
on the ventral side of the animal. The solution should be injected at several points around
the circumference to ensure activation of all five gonopores. The animal is then shaken
vigorously. The gametes will be shed from the gonopores on the dorsal surface of the
animal. Eggs are pale yellow, sperm is milky white. Sperm is collected “dry” by placing
the males upside down over a weighing dish, small beaker, or watch glass. Usually
10-15 mL of sperm (an amount typically shed by 20-30 males) is more than enough to
fertilize 1-2 x 10'° eggs. Eggs should be collected immediately after injection by placing
the females, upside down, on the plastic screen support in plastic basins that have been
prearranged on a table of ice and filled with enough seawater to cover the gonopores
(see Note 1). The eggs will thus be shed into the seawater and settle on the bottom of the
container. Alternatively, small jars (such as baby food jars) or beakers of seawater can be
used to collect the eggs, but this is more cumbersome and takes up more space, major
considerations when spawning 1000 animals at a time. Allow the animals to spawn to
completion; generally, this takes 20-30 min. Sometimes they will appear to stop shedding
but can be induced to begin again by vigorous shaking (see Note 1).

Washing eggs: The eggs are washed as follows. After the spawned eggs have settled in the
containers, the sea urchins and screen support are removed, and as much seawater as pos-
sible (without losing eggs) is carefully decanted to waste. The settled eggs are then resus-
pended by swirling (giving an approx 30% slurry) and passed through a 150-uM Nitex
filter apparatus (see Subheading 2.) into plastic tricorn 1-L beakers, up to approx 1/3-full
(approx 300 mL, containing approx 100 mL eggs). The beaker is then filled to the top with
ice-cold FSW and placed in a 4°C cold room, where the eggs are allowed to settle
(see Note 2). After the eggs have settled completely, as much of the seawater is removed
as possible, and the eggs are again resuspended in fresh ice-cold FSW. This process is
repeated until all the eggs have been washed four times (four settlings in FSW). After
decanting the supernatant from the fourth wash, the eggs (approx 30% slurry) can be
pooled in a larger container, such as an 8-L culture can, wherein they should be stirred
continuously until distribution to the large culture cans. When all the eggs have been
washed and pooled, a measured aliquot of the eggs should be counted.

Setting up the culture cans: The culture cans should be set up in the 16°C-culture room
while the eggs are washing (i.e., concurrent with step 2). Typically, a culture of 1-2 x 10'°
embryos can be achieved in 8-10 20-gal trash cans. The cans are each filled with approx
60 L of filtered seawater and fitted with the modified lids in which motorized stir paddles
are mounted (Fig. 1). Air lines fitted with stones are fed to the bottom of each can through
a hole in the lid, and airflow is regulated to give a vigorous (but not violent) rate of
bubbling.

Fertilization and culture of embryos: The eggs should be evenly distributed between the
culture cans for fertilization. The maximum density for successful development to the
blastula stage is approx 3 X 10%mL; a slightly lower density is better (e.g., 2 X 10%mL).
Thus, for example, 1.5 X 10'© embryos will need to be evenly distributed between eight
culture cans, each containing 60 L of seawater. Once the eggs are distributed into the cans,



Sea Urchin Embryos 21

the stir motors are turned on, and the eggs are fertilized by adding sperm that has been
freshly diluted in MFSW (10 mL MFSW per milliliter “dry” sperm). To start, 10 mL of
freshly diluted sperm are added to each 60-L culture can. Fertilization is monitored in an
aliquot of eggs through a dissecting microscope; successfully fertilized eggs raise a dis-
tinctive fertilization envelope that appears as a halo surrounding the egg. If <90% of the
eggs are fertilized, more sperm should be added. It is desirable to achieve at least
90% fertilization (see Note 3). A few (approx 5-10) drops of antifoam A emulsion (Sigma,
No. A-5758, St. Louis, MO) are added to each culture can to prevent foaming, and the
embryos are allowed to develop to the hatched blastula stage, which in S. purpuratus takes
approx 24 h (see Note 4).

5. Harvesting, freezing, and storage of embryos: Once the embryos have hatched, they are
harvested by straining through large plastic colanders lined with 50-uM Nitex mesh.
The Nitex is affixed to the colander with plastic clips. This is a two-person job that is
performed as follows. One person dips a bucket into the culture can to collect an approx
3-gal aliquot of embryos, then slowly pours the bucket’s contents through a filter affixed
to a colander that the second person holds and continuously rotates over a large wash
basin. The rate of rotation of the colander should be such that the embryos are continu-
ously in suspension and not clogging the filter. To achieve this, the first person should
adjust their rate of pouring so that the filter does not get too full, allowing the second
person to maintain a good “swirling” motion (i.e., the liquid retained in the filter should be
low enough that most of it “hugs” the sides of the colander by centrifugal force). When a
good amount of concentrated embryos (up to 1 L) have accumulated in the filter (they
look like orange juice when they are concentrated enough) they are poured into a large
container on ice (e.g., an 8-L beaker or culture vessel). This procedure will require a little
practice. Typically, a single culture containing approx 2 x 10° embryos can be concen-
trated down to approx 4-6 L. Note that the seawater filtrate will fill the wash basin quickly
and that the wash basin will thus need to be emptied several times during the filtration
process. For this reason, this procedure should be performed in a location where several
hundred liters of seawater can be conveniently disposed of. After 4-6 L of concentrated
embryos have been accumulated, they are distributed to 1-L centrifuge bottles and centri-
fuged at 1500g for 5-10 min at 4°C. The supernatant is removed by aspiration, and the
embryo pellet is resuspended in ice-cold 1 M glucose (approx 10 vol). It is best, at first, to
only fill the centrifuge bottle with the glucose halfway, cap it, and shake it vigorously to
break up the embryo pellet. Then the bottle is topped off with more 1 M glucose, and the
embryos are recentrifuged at 2000g for 5-10 min at 4°C. The second pellet is generally
much more compact, so the supernatant can be removed by careful decanting. (The pellet
should stay in one piece.) The pellet is finally resuspended in approx 700 mL ice-cold
Buffer A and shaken vigorously to resuspend the embryos. The embryos are transferred to
1-gal heavy-duty Ziploc bags, which are sealed and placed in a large dewer of liquid N,
for approx 5 min to freeze the embryos. For storage, two bags of frozen embryos (approx
1 x 10° embryos) are wrapped in heavy-duty aluminum foil, forming a square “brick” that
can be conveniently stacked in a —70°C chest freezer for storage.

6. Initial manipulation of frozen embryos for preparation of nuclear extracts: preparation of
nuclear extracts from sea urchin embryos has been described in detail elsewhere (4,6,8)
and will therefore not be described here. However, there are several practical consider-
ations worth mentioning that affect the large-scale preparation of nuclear extract from
frozen embryos. It is generally easier to prepare high-quality nuclear extract by limiting
the number of embryos processed to approx 1 x 10° at a time (i.e., the amount typically
frozen in two plastic bags wrapped together in an aluminum foil packet). The frozen
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embryos must first be broken into small pieces. For this purpose, we generally use a hard
rubber or plastic mallet and a large wash basin. The resultant chunks of frozen embryos
are then transferred to a bucket, which is placed in a lukewarm water bath. The chunks are
stirred vigorously with a stiff piece of PVC until they turn slushy. At this point, they can
be stirred with a stainless steel mixing-propeller driven by a variable speed motor or other
heavy-duty electric mixer such as those used in baking. In the process of thawing, the cells
lyse. When the embryos are completely thawed (no ice chunks or slush remaining), they
are transferred to 1-L centrifuge bottles, wherein the nuclei are recovered by centrifuga-
tion at 2500g at 4°C. The nuclei are washed several times by repeated resuspension in
Buffer A followed by centrifugation at 2500g. Nuclear extract is then prepared exactly as
described previously (4,8).

4. Notes

1.

When females begin spawning into the collection basin, clumps of eggs should visibly
drop from their gonopores. Sometimes the eggs will stick to the dorsal surface of the
animal at first. They can be dislodged by gently agitating the inverted animal, with the
gonopores immersed in the seawater of the collection basin. The eggs will continue to
stream out of the gonopores for some time. However, since time is a consideration in this
procedure, spawning can be judged to be complete when, after shaking the animal, only a
tiny trickle of eggs continues to be shed. Also, after awhile the animal might begin to shed
coelomic contents other than gametes (i.e., coelomic fluid containing coelomocytes).
This is evidenced by a reddish coloration in the eggs. As this material might cause prob-
lems with fertilization or contamination of the culture, it should be avoided if possible—
that is, females that are shedding red should be removed from the spawning basin.
Washing the eggs is the most important part of the procedure, and the most laborious,
because it must be done in the cold room. Unfortunately, inadequately washed eggs do not
fertilize efficiently. After one or two washes, the rate of settling will increase and the
supernatant will become clearer. One potential problem that can arise in the washing is
that the eggs are allowed to sit too long after settling. This should be avoided, as it can
lead to anoxia, which also inhibits fertilization and causes abnormal development or death.
Sometimes the requisite 290% fertilization cannot be achieved, no matter how much sperm
is added. There are several possible reasons for this. In addition to problems with the
washes (see Note 2), it is possible that the sperm is partially inactive. This is generally not
a problem, however, when using fresh sperm from several individuals that has been kept
“dry” (undiluted) on ice. In any event, care should be taken not to add too much sperm
(greater than five times the amount recommended here), as it can serve as food for bacte-
ria that might contaminate the culture and kill the embryos.

It is important that the embryos hatch before they are harvested. If they do not, their
fertilization membranes will cause problems with the preparation of nuclear extracts
(by coagulating with the nuclei, making clean isolation of nuclei difficult). After the
embryos have hatched, the fertilization envelopes (and other contaminants present in the
culture, such as unfertilized eggs) will wash through the Nitex filters during collection of
the embryos. Hatched blastulae are obvious under a dissecting microscope: they no longer
are surrounded by the “halo” of the fertilization membrane, and they are swimming
(and thus also visible even to the naked eye). Embryos that are nearly ready to hatch can
be seen to visibly rotate within their fertilization envelope. If embryos of a later stage are
desired, they must be either grown at a lower density from the beginning (preferably) or
diluted after hatching to a density of 5000—10,000/mL. It is therefore much less practical
to culture 1-2 x 10'° embryos to gastrula stage or later.
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The Chick Embryo as a Model System
for Analyzing Mechanisms of Development

Diana K. Darnell and Gary C. Schoenwolf

1. Introduction

The chick embryo provides an excellent model system for studying the development
of higher vertebrates wherein growth accompanies morphogenesis. (Note: virtually all
information given here for the chick embryo is applicable to the quail embryo, and
much of it is applicable to embryos of other avians including domesticated and wild
species.) There are many advantages to working with chick embryos. Chicken eggs are
available year-round, they are inexpensive, and they can be purchased in any specified
quantity (no excess or shortfall). If eggs are acquired and used within a week,
unincubated eggs can be stored in any cool place, obviating the need for a special
storage facility. Chicken eggs can be incubated to any stage of interest, simplifying
experimental design and allowing the investigator to coordinate his or her schedule
with the need to have embryos at the desired developmental stage for a particular
experiment. At the time the egg is laid, the avian embryo consists of a flat, two-layered
blastoderm that lies on the surface of the yolk and, therefore, is readily accessible.
Subsequent development occurs with incubation at 38°C and is rapid. Within 2 to 3 d
of laying, chick embryos gastrulate, neurulate, and fold into three-dimensional (3-D)
animals with beating hearts, somites, and complex nervous systems. Such rapid devel-
opment is an advantage for experimental design and timely data collection. During this
period of early development when so much is occurring, chick embryos can be easily
removed from the shell for culture, or they can be cultured in ovo. Embryos are semi-
transparent, making viewing of internal tissues possible under the microscope, and
they are of sufficient size to make several types of micromanipulation practical at these
early stages. A large database exists on the descriptive aspects of normal and abnormal
development of the early avian embryo, and numerous techniques for experimental
manipulating of the avian embryo have been devised. Because of its many advantages,
there is a long history of well-documented, experimental studies on the chick embryo,
and detailed fate maps exist that show the locations of progenitor cells prior to gas-
trulation as well as at later stages, when many different organ rudiments are forming
(e.g., the limb buds). The availability of this information greatly adds to the value of
chick embryos as a model system for studying development.
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2. Materials

Acquiring fertile chicken eggs is usually straightforward. Local fertile egg suppliers
may be found in the phone book or identified through health food stores that carry
fertile eggs, although eggs for research should be purchased directly from the supplier,
not from a store, to ensure freshness and fertility (as well as a better price). Also, eggs
delivered to health food stores are washed, removing a coating from the surface of the
egg that is necessary for successful long-term development of the embryo in ovo. In the
event that fertile eggs are not available locally, they can be purchased from SPAFAS
(Preston, CT). Arrangements can usually be made for local eggs to be delivered, either
unincubated or incubated to a specified age. For experiments on early embryos, it is
best to purchase fresh, unincubated eggs within a few days of the start of incubation to
maximize embryo fertility, synchrony, and quality. For up to a few days, until incuba-
tion is initiated, eggs can be stored in their crates on the benchtop in a cool room or in
arefrigerator (at 10°C or higher). When previously incubated eggs are purchased, these
need to be placed directly into an incubator on arrival.

3. Methods

To develop normally, chicken embryos must be incubated in a humidified chamber
that can be maintained at 38°C. If embryos will be incubated for more than a few days,
then, in addition, they require turning every few days for optimum development and
survival. Commercial incubators come in many shapes and sizes, with forced-air incu-
bators being the most common. For maximum flexibility, we use several Marsh Auto-
matic Incubators (Lyon Electric Co., Inc., Chula Vista, CA), each attached to a timer
(e.g., Fisherbrand Digital Outlet Controller, Fisher Scientific, Pittsburgh, PA) so that
incubation of separate batches of eggs can be started independently. The reservoir in
the bottom of the incubator should be filled with distilled water to provide a humidified
atmosphere; distilled water is used in place of tap water to minimize mineral deposits.
Prior to setting eggs (i.e., placing them in the incubator), the thermostat of the incuba-
tor should be adjusted to 38°C (temperature readings are only accurate when the water
reservoir contains water; temperature should be periodically monitored to ensure tem-
perature consistency), and eggs should be placed on wire racks above the water reser-
voir. Eggs should be placed on their sides (long axis horizontal to the horizon) if they
will be windowed for in ovo experiments or either on their sides or large end up if
embryos will be isolated for ex ovo culture. Eggs can be set with the incubator already
running at 38°C, or the timer can be set to start the incubator at a later time after the
thermostat has been fully tested. In the latter case, the incubator will reach 38°C in just
a few minutes.

Accurate staging of avian embryos is important for the interpretation of experimen-
tal results, and several published stage series are available and commonly used. The
most comprehensive and frequently cited is the Hamburger and Hamilton stage series
(HH), which covers the entire 21-d period from laying to hatching and consists of
descriptions and photographs of embryos at stages 1-45 (1,2). Several other stage series
are useful in that they deal with earlier stages or subdivide critical developmental peri-
ods into substages. The earliest stage of Hamburger and Hamilton (HH stage 1), along
with the period of development occurring prior to laying (and therefore prior to HH
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stage 1), is divided into 14 stages (I-XIV), according to the criteria of Eyal-Giladi and
Kochav (3). HH stage 3, an important stage in gastrulation, has been subdivided by
Vakaet (4) into four stages based on the length and structure of the primitive streak,
and Vakaet’s stages have in turn been modified by Schoenwolf and coworkers (5),
for clarity.

To determine the length of time for which batches of eggs must be incubated to
reach a desired stage, the incubation times given by Hamburger and Hamilton (1,2) are
used. There are many variables that affect the rate of embryonic development, includ-
ing the strain of chickens producing the eggs, the exact temperature of incubation, and
the season of the year. The times given by Hamburger and Hamilton, therefore, provide
rough estimates that must be periodically refined empirically within each laboratory.
When starting a new experiment with different stages than we used recently, we rou-
tinely incubate batches of eggs differing from each other by only a few hours to
provide a range of stages around the desired stage. Then adjustments are made accord-
ingly to maximize the number of embryos obtained at the desired stage. It is also
important to realize that some manipulations require considerable time to do, espe-
cially when learning a new technique. Again, incubating batches of eggs helps ensure
that embryos at the desired stage are available when the operation is actually done on
them. For example, if one intends to graft three-dozen stage 4 (HH) eggs over a 4-h
period, then one might set a dozen eggs each hour for 4 h (an extra dozen to allow for
infertility, loss of embryos during manipulation, and embryos at incorrect stages)
beginning 14 h before the experiment will commence and use them after incubation in
the same order in which they were set. Alternatively, if the experimental period is only
a few hours, then all the eggs can be set at the same time, and when the appropriate
stage is reached, the incubator can be turned off and opened; development will slow
substantially and several hours of experiments can be conducted while embryos remain
at that stage. If these same eggs are reincubated they will resume development, although
their development will be retarded compared with eggs incubated continuously.

Several culture methods can be used with avian embryos, each specifically adapted
to a particular time during development and limited to a specific duration. Ex ovo culture
(6-9) is ideal for experimental manipulation of whole embryos at pregastrula through
neurula stages when culture for less than 2 d is desired. Several techniques also exist
for tissue explant culture in collagen gel (10) or on a fibronectin matrix with serum-
containing (11) or defined (12) medium. For whole embryos, if development beyond
HH stage 16 (to hatching) is desired, in ovo culture is usually required (13,14). Several
of these culture techniques are discussed in detail in Chapter 5 of this volume.

Many different experimental strategies have been used to exploit the advantages of
the chick embryo model, with each strategy lending itself to particular types of ques-
tions or issues. Strategies used routinely include

1. tissue grafting (ref. 15, discussed in detail in Chapter 35)—homotopic and isochronic
grafting (for fate mapping using quail grafts in chick embryos or grafts of fluorescently
labeled tissues in unlabeled embryos) and heterotopic and heterochronic grafting (to test a
region’s prospective potency and level of commitment as well as to study cell—cell induc-
tive and suppressive interactions);

2. tissue ablation (16) and use of tissue explants, often to ask whether cell-cell inductive or
suppressive interactions occur and whether tissues are committed or plastic. These experi-
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ments, as well as heterotopic and heterochronic grafting, can often reveal whether tissue
interactions are sufficient and/or necessary to regulate the development of interacting
populations of cells;

3. use of implants of chromatography beads, coated with growth factors (17) or transfected
cells (18), both used for targeted overexpression of secreted signaling factors;

4. intracellular dye injection of single cells for lineage analysis and extracellular dye injec-
tion for fate mapping groups of cells (discussed in detail in Chapter 30); and

5. retroviral transformation, for lineage analysis, using replication-incompetent virus and a
reporter gene, or misexpression, using replication-competent virus producing a wild-type
or mutated gene of interest.

These techniques and the availability of a large database on normal and abnormal
development make the chick embryo a powerful tool for studying important questions
in developmental biology. For example, elucidating the cellular and molecular interac-
tions involved in early induction and signaling events are possible because of the avail-
ability of detailed fate maps and experimental techniques such as those just described.
These maps show the locations in gastrula-stage embryos of specific progenitor cell
populations (e.g., prospective somites, heart, and forebrain; see refs. 15 and 19). Thus
specific progenitor cells can be selected, and their level of commitment, potency, and
interactions can be defined.

In conclusion, using the chick embryo as a model system to study developmental
events offers many advantages, including low cost, availability, ease of handling, well-
established techniques, and a large database of developmental events. The single major
advantage that this system currently lacks is direct genetics; that is, the ability to make
transgenic animals and directly knock out (or in) specific genes. This deficiency will
likely be overcome in future studies by using antisense RNA or retrovirally supplied
dominant-negative receptors to block specific signaling proteins and by using trans-
fected cell lines and retroviral infection for over- or misexpression of genes of interest.
Therefore, it is clear that the chick model system will continue to be favored for
answering many types of questions posed by scientists studying vertebrate development.
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Culture of Avian Embryos

Diana K. Darnell and Gary C. Schoenwolf

1. Introduction

One of the virtues of using avian embryos for experimentally analyzing early devel-
opmental events is the ease with which they can be cultured and subsequently manipu-
lated and observed. Gastrula- and neurula-stage avian embryos can be cultured for
24-48 h on their vitelline membranes (acellular membranes enclosing the embryo and
the yolk), which are stretched over a glass ring placed on an egg-agar substrate. Their
development occurs similarly to that of embryos developing in ovo, yet unlike in ovo,
embryos are fully accessible for experimentation. This method of cultivation on the
vitelline membranes/egg-agar substrate, called New culture, was developed by Denis
New in 1955 (1), and its usefulness has not been surpassed in the more than 40 yr since
its inception (2). New culture provides an ideal system for experiments involving graft-
ing of tissues from one embryo to another, microinjection of dyes or drugs, time-lapse
video recording, and where superior development is required from cultured embryos
during the first 2 d of incubation. Blastoderm expansion occurs essentially normally in
New culture until the blastoderm comes in contact with the encircling ring. Optimal
stages for starting New cultures are between the pregastrula and 7-somite stage
(HH [refs. 3 and 4] stages 1-9), with the optimum time of development in culture
without degeneration of some tissues being approx 24 h or development to about
22 somites (HH stage 14), whichever comes first. Differentiation of some tissues will
continue well beyond this time. Whole-egg culture plates should be used for pregastrula
stage embryos (HH stages 1-2), and agar-albumen culture plates should be used for
later stages (HH stages 3-9) to optimize development (see below and Note 1).

Other culture techniques have been developed that are tailored to embryos at differ-
ent stages or other experimental requirements (5—11). For example, methods have been
developed to allow culture in the absence of the vitelline membranes (Spratt culture),
of embryo fragments (Spratt culture and Yuan culture), at earlier or later stages
(Packard culture), or for longer culture periods (Connolly and McNaughton culture
and in ovo culture). Spratt and Packard culture, which involves culturing embryos on
egg-agar substrates without the vitelline membranes, are ideal for certain kinds of
embryo manipulations, including extirpations and transections, and for short-term cul-
ture of donor embryos prior to collecting tissue for grafting into host embryos (except
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when donors are being labeled with fluorescent dyes, in which case New culture should
be used for donors also; see Chapter 30). Embryos cultured using Spratt culture (5)
develop relatively normally for 24 h, when the peripheral two thirds of the area opaca
is removed prior to culture. However, their neuraxis does not extend to the normal
lengths seen in ovo and in New culture. Cutting off the very caudal end of the area
pellucida facilitates axis extension in Spratt culture (see Subheading 3.3.). Optimal
stages for starting Spratt cultures are from mid-gastrula stage (HH stage 3) to 7 somites
(HH stage 9); embryos can develop well for up to about 24 h or to about 22 somites
(HH stage 14) in this culture system. In addition to whole-embryo culture, fragments of
embryos can be cultured in isolation using the Spratt protocol, or a variation on the
New culture method for use with embryo fragments and transections (see Note 2) can
be found in recent papers by Yuan and coworkers (6,7). For older embryos (up to 3 d or
HH stage 18), a Spratt-like culture, Packard culture (8), can be done using plates con-
taining homogenized whole egg. Packard culture plates also work best for blastoderms
obtained from unincubated eggs and cultured according to the method of New. Finally,
if longer culture periods are desired, embryos can be cultured in one of two ways. First,
using the Connolly and McNaughton technique (9), the blastoderm is folded in half
longitudinally, sealed along the edge of the area pellucida and cultured for a few days
in liquid medium in roller bottles, much as mouse embryos are cultured. However, this
technique is new, and its value has not yet been well established. The second and more
common course for long-term experiments is the use of in ovo culture (10), in which a
window is cut into the egg shell, and the embryo is manipulated inside the shell and
then returned to the incubator for culture (up to hatching stages). With advances in this
technique that yield normal development in 95% of surviving embryos windowed on
day 1 (11), this versatile culture technique is the method of choice when development
is required beyond day 3 of incubation (or beyond 1-2 d postmanipulation). Each of
these culture techniques is to be described (see Subheading 3.).

2. Materials
2.1. Equipment, Supplies, and Tools

1. 35 x 10-mm culture dishes for making New, Spratt, or Packard culture plates.

2. 5-mL plastic tubes with loose fitting caps for the Connolly and McNaughton culture.

3. Sterile glassware and tools for making plates: For making agar-albumen plates: two
250-mL beakers, two 100-mL graduated cylinders, and a set of dull forceps (e.g., watch-
maker’s forceps that have been filed down). For making homogenized whole-egg plates:
sterile blender container, 50-mL centrifuge tubes, and two 250-mL beakers (see Note 1).

4. Water bath.

5. Humidified chamber for storage of the plates in a refrigerator: A Tupperware-type plastic
tub, with a tight-fitting lid, lined with damp paper towels to create humidity.

6. Forced-draft egg incubator (e.g., Marsh Automatic Incubator, Lyon Electric Co., Chula
Vista, CA). Add distilled water to the water reservoir and set the thermostat at 38°C.

7. Humidified chamber for embryo culture: a large Petri dish (25 x 150 mm) with a wet piece
of filter paper in the bottom.

8. Culture rings: We prefer square profile glass rings cut from glass or plastic tubing using a
diamond saw. These may be made locally and are not available from a commercial sup-
plier. We prefer rings with dimensions of approx 20-mm diameter for chick rings (15 mm
for quail rings), 2.5 mm tall with a 2-mm wall thickness. Another laboratory (2) prefers
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10.

1.

12.

13.

2.2.

larger rings (30-mm diameter and 4-5 mm tall), claiming better survival over longer cul-
ture periods, as the blastoderms can expand for a longer period of time. Sterilize glass or
plastic rings in 70% ethanol, then transfer them to a bowl containing sterile saline. Glass
rings may be stored in 70% ethanol, but plastic rings will crack with similar storage.
General tools and glassware for embryo isolation: Two pairs of dull forceps, 1 pair of
curved scissors, a spoon, dissection needles (small cactus needles [spines] or sharpened
tungsten wires attached to wooden dowels or microinjection pipets pulled to a sharp point),
sterile Pasteur pipets, sterile wide-mouth pipets (break off the tip of a sterile Pasteur pipet,
cover the broken end with a bulb and use the wide end for pipeting), sterile Pasteur pipets
with their tips pulled to a narrower diameter for fine work, a sterile conical evaporating
dish, two sterile Petri dishes (one for embryos and one for rings) and a waste container
(for temporary storage of yolk, etc., until discarded).

Vital dye/agar slides for in ovo staining: Coat a clean, sterile, glass slide on one side with
1% agar. Dry overnight, then soak agar slides for a week in 1% neutral red or Nile blue;
rinse with sterile distilled water and allow to dry.

Tape to seal windowed eggs: For eggs windowed on day 1 that need to be inverted, Scotch
brand Super 88 vinyl electrical tape works best and does not leak. For eggs windowed on
day 2, any tape that will stick to the shell is fine.

Plate incubator: Add water to trays inside incubator to humidify, and set thermostat
for 38°C.

Plastic dishes with tight-fitting lids for fixing embryos after culture.

Solutions and Culture Plates

Saline: 123 mM NaCl (7.19 g/L distilled water), autoclaved and cooled, with 1 mL peni-
cillin/streptomycin (Gibco-BRL, Grand Island, NY) added at the time of use.
Agar-albumen culture plates: Adjust water bath to 49°C. Open the blunt end of an egg and
remove and discard thick albumen and chalazae with dull forceps. Collect thin albumen in
a sterile graduated cylinder (60 mL for 40 plates), then transfer to a sterile 250-mL beaker
and place into the 49°C water bath. In another 250-mL beaker, make a 0.6% solution of
Bacto-Agar (0140-01; Difco, Detroit, MI) in saline at room temperature (0.36 g in 60 mL
for 40 plates). On a magnetic stirrer/heater, mix and bring to a slow boil to dissolve agar.
Cool the beaker to 49°C in the water bath. When the temperatures of both agar/saline and
albumen have equilibrated at 49°C, add albumen to sterile agar/saline and stir vigorously
on a stir plate. Return the beaker to the water bath and pipet 2.5 mL agar-albumen into
each 35 x 10 mm culture dish to produce a confluent layer on the bottom. Avoid transfer-
ring bubbles. Allow the plates to sit undisturbed at room temperature until the agar/albu-
men solidifies, then place plates into a humidified chamber for storage. Plates may be
refrigerated for up to 2-3 wk but are best when used fresh.

Homogenized whole-egg culture plates: Adjust water bath to 47°C. Homogenize the con-
tents of three cold, unincubated, fertile chicken eggs in the cooled, sterile container of a
blender. Pour the foamy homogenate into sterile, 50-mL centrifuge tubes and spin at
14,900¢ for 30 min at 5°C. Pour supernatant from eggs into a sterile 250-mL glass beaker
and warm to 47°C in the water bath. Prepare a 50-mL aqueous solution of 6% Bacto-Agar,
autoclave for 8 min (120°C and 103.5 kPa), and place into the 47°C water bath. When the
temperatures of both solutions have equilibrated at 47°C, add the agar slowly to the egg,
swirling the beaker without forming bubbles, to a final ratio of 1:3 agar:egg. Pour 2-3 mL.
of this solution into the center of a warmed culture dish (60 x 15 mm), swirl gently to coat,
and pour off excess liquid to leave a thin (1-1.5 mm) coating on the bottom of the dish.
Allow the culture plates to sit undisturbed at room temperature until the culture medium
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solidifies, then place the plates into a humidified chamber for storage. Plates may be
refrigerated for up to 2-3 wk, but are best when used fresh.

Medium for Connolly and McNaughton culture: For culture day 1, use Leibovitz medium
(L-5520, Sigma Chemical Co., St. Louis, MO) with 10% fetal bovine serum (FBS) and
gentamicin at 50 pg/mL. For culture days 2-3, use Leibovitz medium with 50% FBS and
gentamicin at 50 ug/mL.

3. Methods
3.1. New Culture: Culture on Vitelline Membranes/Egg-Agar Substrate

1.

Incubation: Set the eggs into the egg incubator’s rack, blunt end uppermost, and incubate
until desired stages are reached (see Chapter 4). Use Hamburger and Hamilton (3,4) for
approximate timing; exact timing may vary from their stated times depending on a num-
ber of factors (see Chapter 4).

Isolation of the embryo from the yolk: Select an egg from the incubator and open the
blunt end with a pair of dull forceps; gently remove and discard albumen with forceps
and by decanting. Try not to puncture the yolk. Gently transfer the yolk to a sterile dish
(e.g., aconical evaporating dish) that is sufficiently full of sterile saline to submerge the
yolk. Orient the yolk with the blastoderm uppermost and cut with scissors through the
vitelline membranes around the equator of the yolk (or lower for bigger rings). Gently
lift up on the cut edge of the vitelline membranes with forceps and, using scissors to
hold the yolk down, peel the vitelline membranes with attached blastoderm away from
the yolk.

Preparing the embryo for culture: With a spoon, gently transfer the blastoderm and
vitelline membranes to a sterile glass Petri dish containing sterile saline, and place this
dish on the microscope stage. Orient the membranes so the blastoderm is up (vitelline
membranes down) and remove any remaining, adherent albumen using forceps to peel it
away from the vitelline membranes. If yolk remains, remove it gently by puffing saline
from a pipet onto the embryo and then aspirate the yolk from the saline, rather than
aspirating the yolk directly off of the embryo. With practice, embryos can be collected
virtually without adherent yolk. Stage the embryo accurately (3,4,12,13) and record this
information.

Attaching the embryo to a culture ring: Make sure that the vitelline membranes are ori-
ented so that the blastoderm is on top (i.e., the blastoderm will be viewed with its ventral
or yolk side facing up). With forceps, gently transfer a ring from sterile saline onto the top
of the vitelline membranes so that the embryo is centered in the ring. Remove saline from
the dish until the top of the ring is exposed to the air (so the vitelline membranes will not
float off the ring when you fold them over the edge). Use forceps to lift the part of the
vitelline membranes remaining outside the ring up and over the top of the ring. Continue
until the entire cut edge of the vitelline membranes is wrapped over the ring, making a
small bowl containing the blastoderm. If necessary, gently pull the vitelline membranes so
that they are taut and the blastoderm is roughly in the center of the ring. Then carefully
remove saline from the interior of the ring with a pipet.

Transferring the embryo on the culture ring to the culture plate: Lift the ring with the
attached vitelline membranes and blastoderm using forceps and transfer it to a culture
plate (see Note 3). If the entire embryo will be used, as with most experiments, then graft,
inject, or otherwise manipulate the embryo as appropriate and place the culture plate into
a humidified chamber in a humidified plate incubator (or into a time-lapse setup) at 38°C
for the duration of culture. If embryo fragments are desired as in the Yuan experiments,
see Note 2.
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3.2. Spratt or Packard Culture: Culture on Egg-Agar Substrates

1-3. Follow steps 1-3 listed for Subheading 3.1.

4. Preparing the blastoderm for culture: Remove the blastoderm from the vitelline mem-
branes by locating the outer margin of the blastoderm and detaching it from the vitelline
membranes by gently pulling the two layers apart with forceps or by cutting through the
outer edge of the blastoderm with iridectomy scissors. Transfer the blastoderm via a wide-
mouthed pipet to a culture plate with sufficient saline to facilitate orientation of the embryo
on the plate. Use agar-albumen plates for Spratt culture with embryos between early gas-
trula and 7-somite stages (HH stages 2-9). Use homogenized whole-egg plates for Packard
culture for older (HH stage 10-18) embryos. For Spratt and Packard culture, blastoderms
can be oriented either dorsal-side or ventral-side up, depending on the type of experiment;
development occurs in either orientation. The ventral/endodermal side of the embryo can
determined by looking for attached yolk granules at early stages (the dorsal side, which
was adjacent to the vitelline membranes, has no adherent yolk) and by differences in dor-
soventral morphology of organs (heart, gut, etc.) at later stages. Pipet off excess saline to
flatten the blastoderm onto the substrate. Trim away the outer two-thirds of the area
opaca using a cactus needle-knife, glass micropipet, sharpened tungsten wire, or iris knife.
At the caudal end of the blastoderm, remove the area opaca entirely and a little of the area
pellucida to promote good extension of the axis. Add a few drops of saline to the culture
dish and float the blastoderm to an undisturbed area of the substrate. Then pipet away
excess saline (cultures should be fairly dry) and pieces of extirpated area opaca. At this
point the embryo is ready to be transected, injected, grafted, or otherwise manipulated for
the experiment. Following this, place the lid on the culture dish and place the dish into a
humidified chamber in a 38°C, humidified, plate incubator.

3.3. Connolly and McNaughton Culture:
Pita-Pocket Style Culture in Roller Bottles

1-3. Follow steps 1-3 listed for New culture with embryos at the extended streak stage or older
(HH stage 3+ or 4). Embryos that have been placed in New culture can be removed to
Connolly and McNaughton culture after experimental manipulation and, for grafted
embryos, after a short (1-h) recovery period for graft healing.

4. Preparing the blastoderm for culture: Remove the blastoderm from the vitelline mem-
branes by locating the outer margin of the blastoderm and detaching it from the vitelline
membranes by gently pulling the two layers apart with forceps or by cutting through the
outer edge of the blastoderm with iridectomy scissors. Transfer the blastoderms to a Petri
dish containing Leibovitz air-buffered tissue-culture medium. Embryos may be stored at
room temperature while additional blastoderms are collected. Place each blastoderm ven-
tral-side (yolk-side) up, and remove any excess yolk by puffing the blastoderm gently
with a stream of medium from a fine pipet. Fold the blastoderm along the longitudinal axis
(i.e., left to right) so the endoderm is on the inside and the neural ectoderm is on the
outside. The midline of the embryo should lie at the fold. Seal the free edges of the blasto-
derm by cutting with iridectomy scissors along a line passing just within the area opaca.
Crimping the area opaca first with forceps may help keep the embryo positioned correctly.

5. Culturing embryos: Up to five folded and sealed embryos may be transferred into each
5-mL plastic tube containing 500 uL of Leibovitz medium with 10% FBS and gentamicin.
Lightly capped tubes are placed at a 10° angle in a 38°C roller-bottle incubator rotating at
30 rpm. No special gassing is required. Normal development can proceed for at least 48 h,
but after the initial 24 h of culture, the medium should be replaced with Leibovitz medium
with 50% FBS and gentamicin. Embryos can develop normally to the 28 somite stage
(HH stage 16), and they establish an extensive extraembryonic vascular system.
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3.4. In Ovo Culture: Culture in the Egg for Long-Term Experiments

1. Incubation: For in ovo culture, eggs should be placed in a humidified, forced-draft incuba-
tor with their long axis parallel to the horizon, and the uppermost spot on the egg should
be marked with pencil. This will be the location of the window; the blastoderm will lie
directly beneath this area. Eggs should be incubated for at least 24 h prior to windowing.
Eggs for experiments at or beyond day 2 may be windowed on day 2, sealed, and returned
to the incubator until needed (see Notes 4 and 5).

2. Windowing the egg: Eggs should be cleaned (but not soaked) with 70% ethanol on a damp
paper towel. Puncture the air space at the blunt end of the egg by piercing the shell with a
needle. After air has escaped, the hole will be sealed by the shell membranes. With the
egg’s long axis parallel to the horizon, window the egg shell by carefully removing, using
a dental drill and forceps, approx 1 cm? of egg shell and the underlying shell membranes
at the point marked on the side of the egg (i.e., the point that was uppermost during
incubation).

3. Visualizing the embryo: In ovo embryos can be visualized for staging and manipulation
by applying chips of agar impregnated with stain (see Note 6). Place a drop of sterile
distilled water or saline on the agar-coated side of the slide and remove a tiny chip of agar
from the moistened area using a scalpel blade. Transfer the chip with dull forceps to the
vitelline membranes over the embryo, leave it for a brief period (less than 1 min), then
remove it with forceps. This procedure minimizes the amount of vital stain that comes in
contact with the embryo; do not overstain, as excess vital stain can be toxic.

4. In ovo manipulation: For manipulation, the egg should be cradled in a stable holder (such
as a portion of an egg carton) with the window up and a fiber-optic lighting directed into
the window. The vitelline membranes should be torn open with a tungsten needle over the
area you wish to manipulate. Retroviruses or dyes can then be injected, or tissue can be
removed and donor tissue grafted into the host.

5. Sealing the window: After surgical manipulation or injection, sterile saline should be
added to bring the embryo up to the level of the window. Then, the window in the shell
should be sealed well with tape and the egg should be rotated 180° along its long axis so
that the embryo is subjacent to undisturbed shell; eggs are then returned to the incubator
for the duration of the culture period, sealed-window-side down. This allows the embryo
to develop adjacent to an undisturbed shell surface, preventing adherence to the disrupted
shell and membranes and allowing unhampered respiration to occur. The addition of saline
and rotation can be delayed for up to 3 h without having a negative impact on develop-
ment. This is recommended in the case of retroviral labeling or the application of drugs so
that the added substance is not diluted before its integration/diffusion into the embryo.

4. Notes

1. Although albumen is bacteriolytic, for the best results use sterile techniques throughout
each procedure. All glassware should be sterilized by autoclaving; forceps and other tools
may be sterilized with 70% ethanol. Working areas, eggs, and hands (or surgical gloves,
if one prefers to wear these) should be cleaned frequently by wiping them with a cheese-
cloth or towel, damp but not saturated, with 70% ethanol. Instruments and so forth should
be allowed to dry before proceeding because 70% ethanol can kill or damage avian embryos.

2. Normally, for optimum development to occur in New culture, it is necessary for the blas-
toderm to remain attached to the vitelline membranes around its circumference. However,
for culture of embryo fragments on vitelline membranes (Yuan culture), the vitelline mem-
branes should be cleaned of all yolk, the embryo should be transected or a fragment iso-
lated, the undesired regions of the blastoderm should be moved away and removed with a
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fine pipet, and finally, the edge of the blastoderm for the remaining fragment should be
detached from the vitelline membranes and moved to the center of the ring. After 6-12 h,
the cultures should be checked, and if the embryo fragment has moved toward the periph-
ery (near the ring), then it should be detached from the vitelline membranes and moved
gently back into the center of the culture. Also at this point, any fluid should be removed
that has accumulated inside the ring. Embryo fragments can be cultured with this
method for up to 3648 h.

For New culture, embryos isolated at pregastrula stages (HH stages 1-2) should be cul-
tured on homogenized whole-embryo culture plates, whereas gastrula stage embryos and
later (HH stages 3-9) should be cultured on agar-albumen plates. Transfer between the
Petri dish and culture plate is much easier with square-profile glass rings rather than circu-
lar profile rings.

Unless steps are taken to minimize the adverse effects of early windowing, as many as
70% of surviving embryos windowed on day 1 will have some abnormality, usually
dysraphic (open) neural tubes. Even with precautions, mortality after windowing on day 1
is approx 50%. However, the protocol included here has been developed for windowing
day-1 eggs, which results in more than 95% of the surviving embryos developing nor-
mally in culture (11). Eggs for experiments beginning at later stages may be windowed on
day 2 and returned to the incubator until needed. Windowing after day 2 becomes difficult
because of the development of highly vascular extraembryonic membranes, which lie just
beneath the shell and its membranes.

Before windowing, 1-2 mL of thin albumen can be removed from the pointed end of the
egg with a syringe. (Seal the hole with tape after withdrawing the needle.) Puncturing the
air space and/or removing some thin albumen allows the blastoderm to drop away from
the shell and its membranes at the time of windowing, thereby reducing the likelihood that
the embryo or its membranes will be damaged during windowing.

An alternative method for visualizing embryos in ovo is to inject 0.05% Nile blue in saline
or full-strength India ink into the subgerminal cavity (between the embryo and the yolk).
However, the exposure to vital dyes can be better limited using the agar-impregnated
technique, and India ink is highly toxic to embryos prior to day 2 of incubation.

Acknowledgments

Original work described herein from the Schoenwolf laboratory was supported by
Grants NS 18112 and HD 28845 from the National Institutes of Health. D. K. D. was
supported in part by NIH Developmental Biology Training Grant HD 07491.

References

1.

2.

New, D. A. T. (1955) A new technique for the cultivation of the chick embryo in vitro.
J. Embryol. Exp. Morphol. 3, 326-331.

Stern, C. D. and Bachvarova, R. (1997) Early chick embryos in vitro. Int. J. Dev. Biol. 41,
379-387.

. Hamburger, V. and Hamilton, H. L. (1951) A series of normal stages in the development

of the chick embryo. J. Morphol. 88, 49-92.
Sanes, J. R. (1992) On the republication of the Hamburger-Hamilton stage series.
Dev. Dyn. 195, 227-275.

. Spratt, N. J. (1947) A simple method for explanting and cultivating early chick embryos

in vitro. Science 106, 452.

Yuan, S., Darnell, D. K., and Schoenwolf, G. C. (1995a) Mesodermal patterning during
avian gastrulation and neurulation: Experimental induction of notochord from non-noto-
chordal precursor cells. Dev. Genet. 17, 38-54.



38

10.

1.

12.

13.

Darnell and Schoenwolf

Yuan, S., Darnell, D. K., and Schoenwolf, G. C. (1995b) Identification of inducing,
responding and suppressing regions in an experimental model of notochord formation in
avian embryos. Dev. Biol. 172, 567-584.

Packard, D. S., Jr. and Jacobson, A. G. (1976) The influence of axial structures on chick
somite formation. Dev. Biol. 53, 36-48.

. Connolly, D., McNaughton, L. A., Krumlauf, R., and Cooke, J. (1995) Improved in vitro

development of the chick embryo using roller-tube culture. Trends Genet. 11, 259-260.

Hamburger, V. (1960) A Manual of Experimental Embryology, rev. ed., University of
Chicago Press, Chicago, IL.

Fisher, M. and Schoenwolf, G. C. (1983) The use of early chick embryos in experimental
embryology and teratology: Improvements in standard procedures. Teratology 27, 65-72.
Eyal-Giladi, H. and Kochav, S. (1976) From cleavage to primitive streak formation: A comple-
mentary normal table and a new look at the first stages of the development of the chick.
Dev. Biol. 49, 321-337.

Schoenwolf, G. C., Garcia-Martinez, V., and Dias, M. S. (1992) Mesoderm movement
and fate during avian gastrulation and neurulation. Dev. Dyn. 193, 235-248.



6

Exo Ovo Culture of Avian Embryos

Tamao Ono

1. Introduction

Exo ovo culture of avian embryos is a technique for long-term culturing of embryos
outside of their own shell and shell membranes. The problem of how to gain access to
the avian embryo while allowing it to grow normally has been the subject of many
studies (). Avian embryos are subjected to various environmental conditions in the
course of normal development. For example, in the chick embryo, in the first day,
development takes place in the oviduct where egg formation is completed by deposi-
tion of thick and thin albumen, uterine fluid, chalaza, inner and outer shell membranes,
and shell around the yolk; for the next 21 d, the enveloping layers act as a buffer
between the embryo and the egg’s environment (2). Current technologies now permit
the culture of avian embryos from the single-cell stage (which is normally in the ovi-
duct) through hatching. We can take out just fertilized ovum, inject DNA and mRNA,
and culture until hatching. The choice of culture method depends on the age of the
embryo at the start of the experiment. In contrast to shell windowing techniques, the
exo ovo culture allows easy access to the developing embryos and is thus useful for
analysis of the developmental process of embryos and embryo manipulation. Injec-
tions and microsurgical operations can be made into a specific portion of the embryo,
including transplantation of undifferentiated tissues and primordia and microsurgery
of limb buds. Avian embryos, especially chick and quail embryos, have been widely
used for studies of developmental and molecular biology. Fertile and embryonated eggs
are accessible all over the world as well as throughout all seasons of the year. The key
feature of the procedure described here is that embryos are initially taken out from the
shell for ease of manipulation and then placed back in culture in addition to various
operations midway during culture. Specifics of the culture systems may be modified
depending on operations, treatments, species studied, and so forth. This chapter
explains step-by-step protocols for chick and quail embryo cultures.

2. Materials
2.1. Culture of Chick Embryos

1. A laboratory egg incubator with an automatic turner (30°- and 90°-angle turnings every
30 min); for example, P-008-B special model for embryo culture (Showa Furanki Insti-
tute, Yono, Japan).

From: Methods in Molecular Biology, Vol. 135: Developmental Biology Protocols, Vol. |
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. Plastic cups: 20-mL Polypropylene (32 mm tall, 30- and 35-mm lower and upper diam-
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An electric drill with a flexible shaft and a diamond disk; for example, Minitor M-17-BS
and A5131 (Minitor, Tokyo, Japan).

Plastic cups: polystyrene, approx 70 mL (60-mm diameter and 35-mm height).

Gauze: 40 x 40 mm.

Scissors.

Fertilized ova: The number of artificially inseminated hens should be 3x that of the desired
number of fertilized ova. Check the time of laying and save laid eggs for the second step
culture (see Note 1).

Nembutal®: Pentobarbital sodium 50 mg/mL (Abbott Laboratories, North Chicago, IL).
10- and 30-mL syringes.

Thick albumen of hen’s eggs: Clean the shell with 70% ethanol and crack open into
90-mm Petri dish. Suck up the thick albumen with 30-mL syringe and transfer into a
beaker. Add 10,000 IU penicillin and 50 mg streptomycin per liter of albumen (see Note 2).
Adjust the pH to 7.2-7.4 by bubbling CO, through it (see Note 3). Remove foam from the
albumen by centrifugation and breaking up with spatula. Then, warm in CO, incubator at
41.5°C and 20% CO, until use (see Note 4).

Thin albumen of hen’s eggs: Crack open the cleaned egg into 90-mm Petri dish (see Sub-
heading 2.1.9.). Dump out the yolk and the surrounding thick albumen capsule with
spatula. Collect remaining thin albumen (see Note 5). Add penicillin and streptomycin,
adjust pH to 7.2-7.4, and remove the foam (see Subheading 2.1.9. and Note 2). For the
second step culture, adjustment of pH is not necessary, and keep at room temperature
(RT) until use.

Surrogate shell for the second step culture: Prepare a similar-sized egg shell to approxi-
mate the size of the egg for the embryo if normal shell formation were permitted (e.g., the
egg previously laid by the same hen).

Surrogate shell for the third step culture: Prepare egg shell from an approx 30-g heavier
egg compared with the expected egg used for the culture (e.g., a double-yolk egg).
Rings: Prepare 7- and 15-mm-tall polyvinyl chloride rings (made from water pipe; 36 and
42 mm inner and outer diameters, respectively) with four projections attached to the out-
side (see Note 6).

Elastic bands: 16- and 32-mm diameter.

100-mL glass beakers.

Spatula.

70% ethanol.

Plastic wrap.

Circle template.

Culture of Quail Embryos

eters, respectively).

Fertilized ova: The number of pair-mated quail should be 5x that of the number of fertil-
ized ova (see Note 7). Check the time of laying and save laid eggs for the second step
culture.

Surrogate shell for the second step culture: Prepare a similar sized eggshell to approxi-
mate the size of the egg for the embryo if normal shell formation were permitted (e.g., the
egg previously laid by the same quail).

Surrogate shell for the third step culture: Prepare shell from small-size chicken egg.
Rings: Prepare 7- and 15-mm-tall polyvinyl chloride rings (made from water pipe; 20- and
26-mm inner and outer diameters, respectively) with four projections attached to the out-
side (see Note 6).
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6. Elastic bands: 13-mm Diameter.

7. 50-mL glass beakers.

8. Others: Laboratory egg incubator with an automatic turner (30°- and 90°-angle turnings
every 30 min), electric drill with a flexible shaft and a diamond disk, plastic wrap, Nemb-
utal (Abbott), thick and thin albumen of hen’s eggs, scissors, syringes, spatula, 70% etha-
nol and circle template (see Subheading 2.1.).

3. Methods
3.1. Culture of Chick Embryos
3.1.1. Principles

Chick development is divided into three periods for the purpose of exo ovo culture:
fertilization to blastoderm formation lasts for 1 d, embryogenesis for 3 d, and embry-
onic growth for 18 d (3). Cultures are divided into three steps, corresponding to these
three periods, respectively. Fertilization takes place in the anterior oviduct, after
which the yolk-laden ovum is encapsulated in albumen secreted by the magnum.
Around the time of the first division of the zygote, some 4.5 h after ovulation, the shell
membrane is deposited in the isthmus, and the albumen is doubled in volume by the
absorption of uterine fluid. In the final 18 h of the oviductal phase, the shell is calcified.
The second and third phases take place in the shelled egg. The three discrete culture
steps meet the changing demands at successive stages of development, and the embryos
are transferred step by step at appropriate times (3). The protocol described here is
basically according to Perry (3) and Naito et al. (4,5) with some modification.

3.1.2. Culture Step 1: Without Thick Albumen Capsule

This step deals with the culture from the single-cell stage ovum before the attach-
ment of thick albumen capsule (or the capsule removed) to the blastoderm stage.

1. Kill hens by injection of Nembutal (2 mL) into ulnar vein of the wing 60-80 min after the
preceding egg has been laid (approx 35-55 min after ovulation).

2. Remove abdominal feathers, laparotomize, and find the ovum in the magnum.

Cut out both ends of the magnum holding the ovum and transfer into a 70-mL plastic cup.

4. Place the cutout magnum on the palm of your hand, insert scissors between the magnum
and the ovum, and carefully cut out the wall of the magnum.

5. Puta 100-mL glass beaker inside the wall of the magnum and slide the beaker gently into
the ovum. Remove the thick albumen capsule by spatula if present.

6. Add 5 mL of the thick albumen to the ovum and to an empty 70-mL plastic cup. Transfer
the ovum gently into the plastic cup. Add the thick albumen up to the ovum’s equatorial
level. Rotate the ovum with spatula so that the germinal disc is positioned at the top of
the yolk.

7. Cover the top of the yolk with a sheet of gauze. The four corners of the gauze should be
soaked in the surrounding thick albumen. Seal the plastic cup with plastic wrap (70 X 70 mm)
and rubber bands (32-mm diameter; use two bands).

8. Incubate the culture-set (Fig. 1A) for 24 h in a humidified CO, incubator at 41.5°C under
20% CO, (see Note 9).

3.1.3. Alternative Culture Step 1: With Thick Albumen Capsule

This is an alternative method for the single-cell stage ovum after the attachment of
thick albumen capsule to the blastoderm stage.

(98]
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Fig. 1. A schematic drawing of exo ovo culture of chick and quail embryos. For the culture of
chick embryo from single-cell ovum without its own albumen capsule, follow (A) and (E)—(L);
chick embryo with its own albumen capsule, follow (B) and (E)—(L); quail embryo without its
own albumen capsule, follow (C) and (E)—(L); and quail embryo without its own albumen
capsule, follow (C) and (E)—(L). Detailed explanations are in the text.

1. Kill hens two hours and forty-five minutes after the preceding egg has been laid
(see Subheading 3.1.2., step 1).

2. Follow Subheading 3.1.2., steps 2-7, but culture the ovum with albumen capsule.
Use thin albumen instead of thick albumen. The gauze cover is not necessary.

3. Incubate the culture-set (Fig. 1B) for 24 h in a humidified CO, incubator at 41.5°C under
100% air (see Note 10).
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3.1.4. Culture Step 2

After culturing for 24 h in step 1, the embryos will have developed to the blastoderm
stage, which is equivalent to that in a freshly laid egg. Fertilized ovum (germinal disc
with yolk) in the natural condition forms shelled egg in the oviduct, which includes
albumen, chalaza, shell membranes, and shell. During the first step culture, however,
only the development of embryo occurs without the addition of these associated sub-
stances. In the second step, the cultured embryo is placed into a surrogate shell where
embryogenesis can proceed. Alternatively, the culture can be started at this point from
the blastoderm stage.

1. Place a circle template (34-mm diameter) to the narrow end of surrogate shell. Draw a line
along with the inner circumference of the template by pencil. Wipe the lined area with
70% ethanol.

2. Cut the shell along with the line using a diamond disk attached to an electric drill. Cover
with a Petri dish lid to prevent drying.

3. Dump out yolk and albumen. Use blunt-end half for the surrogate shell. Wipe the cut end
by 70% ethanol.

4. Transfer the cultured embryo into a beaker (Fig. 1E). If the culture is started from here,

wipe the shell with 70% ethanol and crack open the egg into a beaker. Remove the thick

albumen capsule (if you cultured or used an albumen-capsuled embryo) using a spatula

(Fig. 1F; see Note 11).

Remove the foam in the stock of thin albumen as much as possible, if present.

6. Place a surrogate shell on the ring (15 mm tall). Pour the thin albumen (about 20 mL) into
the surrogate shell and then transfer the embryo with yolk (Fig. 1G).

7. Fill the thin albumen using a 10-mL syringe (without a needle) and then remove the foam
with a spatula.

8. Cover with a sheet of plastic wrap (70 X 70 mm) and a ring (7 mm tall). The sheet cover is
secured by elastic bands (16-mm diameter; two bands in each pair of screw projections).

9. Place the culture-set (Fig. 1H) in an incubator with the long axis of the shell held horizon-
tally (cut-end vertically) (Fig. 1I), and culture the embryo for 3 d at 37.5°C and
70% relative humidity in an atmosphere of 100% air while being rocked round the long
axis at a 90°C angle at 30-min intervals.

3.1.5. Culture Step 3

After culturing for 3 d in Culture Step 2, the embryos are transferred to the Culture
Step 3 system for embryonic growth and hatching. If Culture Step 2 culture is contin-
ued, all the embryos die within several days in absence of an air space. Thus, the embryo
is transferred into an extralarge shell with an artificial air space. Alternatively, the
culture can be started newly from here.

b

1. Place a circle template (40-45 mm) to the blunt end of surrogate shell. Use narrow-end
half for culture. Pour the thin albumen into 90-mm Petri dish and place the shell in the dish
with the open face of the shell down until use. Follow Subheading 3.1.4., steps 1-3.

2. Remove the rings and elastic bands of the second step culture-set (Fig. 1J). Wipe the
second step shell with 70% ethanol.

3. Overlay the emptied large shell (open face down) to the Culture Step 2 setup (open face
up). Gently turn the entire setup upside down and remove the smaller shell (Fig. 1K).

4. Cover with a sheet of plastic wrap (70 X 70 mm) and adhere the wrap to the cut end of the
shell (see Note 12).
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Ono

Place the culture-set thus made in an incubator with the cut end of the shell held upward,
and culture the embryo at 37.5°C and 70% relative humidity in an atmosphere of 100% air
while being rocked at a 30°C angle at 30-min intervals (Fig. 1K).

Stop rocking 1-2 d before expected day of hatch. Prick 5-10 holes in the wrap with a pin
when the embryo has holed the chorioallantoic membrane with its beak. Replace the punc-
tured wrap cover with a 60-mm plastic Petri dish lid when the chorioallantoic membrane
has dried (see Note 13).

3.2. Culture of Quail Embryos
3.2.1. Principles

Culture period for quail embryos is shorter than that of chick embryos. Fertilization
to blastoderm formation lasts for 1 d, embryogenesis for 2.5 d, and embryonic growth
for 14 d. Culture protocol is basically according to Ono et al. (6,7).

3.2.2. Culture Step 1: Without Thick Albumen Capsule

1.

6.

7.

Kill quail by injection of Nembutal (0.2 mL) into ulnar vein of the wing or by decapitation
60-90 min after the preceding egg has been laid. Follow Subheading 3.1.2., steps 2 and 3.
Add I mL of the thick albumen to an empty 20-mm plastic cup.

Hold the cut end of the magnum above the cup with two pairs of forceps and tear the
magnum until the ovum falls down into the cup.

Rotate the ovum with a spatula so that the germinal disc is positioned at the top of
the yolk.

Add thick albumen to ovum until full. Seal the open surface of the cup by placing another
cup inside it.

Make sure that any air pockets are eliminated and the ovum is submerged just below
the surface.

Incubate the culture-set (Fig. 1C) for 24 h in a CO, incubator at 41.5°C under 20% CO,.

3.2.3. Alternative Culture Step 1: With Thick Albumen Capsule

This step is the alternative culture protocol from the single-cell stage ovum after the
attachment of thick albumen capsule to the blastoderm stage.

1.

2.

4.

5.

Kill quail two hours and thirty minutes to two hours and forty-five minutes after the pre-
ceding egg has been laid (see Subheading 3.2.2., step 1).

Follow Subheading 3.2.2., steps 2—4, but culture the ovum with albumen capsule and use
the thin albumen instead of the thick albumen.

Add the thin albumen up to the equatorial level of the ovum. Make sure that the blastodisc
is above the thin albumen.

Seal the open surface of the cup by placing another cup inside it. Make sure that air pocket
is above the ovum.

Incubate the culture-set (Fig. 1D) for 24 h in a CO, incubator at 41.5°C under 100% air.

3.2.4. Culture Step 2

1.

Place a circle template (18-mm diameter) to the narrow end of surrogate shell and cut out
the shell (see Subheading 3.1.4., steps 1-5). Remove the thick albumen capsule (if you
cultured or used an albumen-capsuled embryo) using forceps.

Follow Subheading 3.1.4., step 6, but pour 1 mL thin albumen instead of 20 mL.
Follow Subheading 3.1.4., steps 7-9. But use 30 X 30 mm plastic wrap cover and
13-mm-diameter elastic bands. The culture period is 2.5 d.
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3.2.5. Culture Step 3

1.

Cut the chicken egg shell along a line drawn around the equator level. Follow Subhead-
ing 3.1.5., steps 1-6, but use 50 X 50 mm plastic wrap cover (see Note 14).

4. Notes

1.

Keep hens in individual cages and artificially inseminate them 2 d before the culture.
In our experiment for DNA injection, artificially inseminate approx 300 hens, check the
time of laying during 7:00-10:00 am and then collect approx 100 ova from the oviduct of
hens. Under optimal lighting conditions (e.g., 14L/10D) hens usually lay eggs during early
and middle hours of lighting period.

Antibiotics are not necessary when the experimental condition is clean, because lysozyme
in the albumen is germicidal.

Use a CO, spray or an air gun attached to a pressure regulated CO, cylinder (for CO,
incubator). Check pH using pH test papers (bromothymol blue). Under 20% CO,, the
albumen maintains its pH at 7.2-7.6.

4. Use freshly prepared albumen. The albumen has no buffering action, therefore its pH goes
up to approx 8.8 in 100% air (7). The pH of albumen in the oviduct is 7.0-7.4 (7,8).

5. If you want to collect both thin and thick albumen at the same time, suck up the thick
albumen first and then dump out the yolk.

6. Cut the water pipe using a high-speed saw (e.g., CC 12SA, Hitachi Koki USA Ltd.,
Chatsworth, CA). Drill four holes into each ring using a bench drill press and attach stain-
less steel screws with the screw tip cut off.

7. Artificial insemination of quail is not practical. Under 14L/10D photoperiod, approx 90%
of ovipositions occur during the last 7 h of lighting period, and the mean oviposition time
is 11.3 h after the onset of lighting (9). In our experiment for DNA injection, lighting
period is 2 am—4 pm (14L/10D), check the time of laying at noon and during early after-
noon, and finish culturing until late evening.

8. Once the ovum is taken out from the hen, keep it warm and culture it quickly.

9. Under 20% CO,, the thick albumen maintains its pH at 7.2-7.6 during the 24-h period,
which is similar to the natural condition.

10. With its own albumen capsule, the ovum can be cultured under 100% air.

11. With the albumen capsule present, movement of the yolk is obstructed inside the shell.

12. The thin albumen is applied around the cut end of the shell and it is used as an
adhesive.

13. Make sure that the Petri dish lid is not adhered to the shell.

14. After culturing for 2.5 d in Subheading 3.2.4., the embryos are transferred to Sub-
heading 3.2.5. system for the embryonic growth. Hatchability is lower when the sec-
ond step culture is continued (7). Thus, the embryo is transferred into surrogate
chicken shell with an artificial air space. Alternatively, the culture can be started a new
from here.
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Culture of Preimplantation Mouse Embryos

Adam S. Doherty and Richard M. Schultz

1. Introduction

The preimplantation mammalian embryo develops as a free living entity within the
mother. This internal development inherently precludes facile experimental manipula-
tion necessary to study cellular and molecular mechanisms of preimplantation devel-
opment. In turn, this has led to intense efforts over the course of decades to develop
culture media that support the preimplantation development in vitro and, in particular,
mouse preimplantation development. By the mid-1960s and early 1970s, these efforts
led to the development of media such as Brinster’s modified oocyte culture (BMOC)
(1) and Whitten’s medium (2). Further research examined the effect of the compo-
sition of the gas phase and led to the general conclusion that 5% oxygen was better than
21% oxygen, which is present in air. In addition, an empirically driven approach led to
the formulation of culture media that supported development in vitro of one-cell
embryos to the blastocyst stage (3,4) and overcame the two-cell block, which is exhib-
ited following the culture of one-cell embryos obtained from outbred or inbred mice;
embryos obtained from F1 hybrid mice do not exhibit the two-cell block.

The culture media that are still widely used by the research community for preim-
plantation mouse development are based on culture media developed for somatic cells.
During the late 1980s and through the mid-1990s, Biggers and his colleagues under-
took a rational and systematic approach to the development of culture media for the
preimplantation mouse embryo that was based on simplex optimization (5-8). This
work, which also defined positive roles for organic osmolytes in preimplantation
development, resulted in the generation of the medium called potassium modified sim-
plex optimized medium (KSOM) + amino acids (KSOM + AA) (9). When compared to
other commonly used culture media, KSOM + AA fosters rates of development in vitro
that most closely approach those that occur in vivo of any medium used to date. Coupled
with this improved rate of development is that the pattern of gene expression in these
cultured embryos is virtually indistinguishable from that of embryos that develop in
vivo. Such is not the case for embryos that develop in other culture media, such as
Whitten’s medium, where the expression of many genes is reduced (9) as well as the
overall rate of protein and RNA synthesis.

From: Methods in Molecular Biology, Vol. 135: Developmental Biology Protocols, Vol. |
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This chapter will briefly outline the culture of preimplantation mouse embryos and
will focus exclusively on the use of medium KSOM + AA (see Note 1), because data
obtained from culture experiments in which the embryos are cultured in media that
clearly support suboptimal development may simply reflect the suboptimal culture con-
ditions and not bear directly on regulatory mechanisms that operate in vivo. For these
reasons, investigators are strongly encouraged to use this medium rather than many of
the commonly used media (e.g., M2, M16, Whitten’s medium).

2. Materials

1. Stereomicroscope, preferably with ground-glass stage, understage illumination, and up to

at least 40X magnification, e.g., Wild M5A, Olympus SZH (Olympus, Melville, NY).

2. #5 Watchmaker’s forceps and small, sharp scissors.

CO, incubator.

35-mm and 60-mm plastic petri dishes; embryological watch glasses can also be used to

collect the embryos.

Mouth-operated micropipet made from a drawn-out Pasteur pipet.

Flying saucer incubator (Modular Incubator Chamber, Billups-Rothenberg, Del Mar, CA).

5% CO,/5% O,/90% N, gas mixture.

PMSG (Calbiochem, La Jolla, CA) and hCG (Sigma, St. Louis, MO); stock solutions

contain 5-7.5 IU of either PMSG or hCG/0.1 mL of phosphate-buffered saline (PBS). The

solutions are stored at —20°C and thawed immediately before use. The solutions should
not be refrozen and hence should be stored in convenient aliquots; e.g., to inject 10 mice,
make 1.1-mL aliquots.

9. Tuberculin syringe (1 mL) with 27.5-gage needle.

10. Lightweight mineral oil (Sigma, St. Louis, MO) or dimethylpolysiloxane (50 centristoke)
silicone oil. To extract potential water-soluble contaminants from the oil, 900 mL of oil is
stirred with a magnetic stirrer for 2 d at 4°C with 100 mL of the appropriate culture
medium. After the phases are allowed to separate, the oil is sterile-filtered by passage
through a 0.8-um filter.

11. Hyaluronidase (Type I-S, Sigma).

12. KSOM + amino acids (KSOM + AA):

a. The following are made up as 10X stock solutions: 950 mM NaCl, 25 mM KCl,
3.5 mM KH,PO,, 2 mM MgSO,, 2 mM glucose, 2 mM sodium pyruvate, 250 mM NaHCO;,
and 17.1 mM CaCl,. Glutamine is made as a 20 mM stock solution, and EDTA, pH 7.0,
is made as a 100-mM stock solution. Each of these reagents is obtained from Sigma or
any reliable supply house.

b. To make up 100 mL of medium, 10 mL of each of the 10X stock solutions, except the
CaCl, 10X stock, are added to a 200-mL beaker. Next 286 uL of a 60% solution of
DL-sodium lactate (Sigma) is added, followed by the addition of 10 uL of the
100 mM EDTA stock solution. Bovine serum albumin (BSA; 100 mg of Fraction V,
Sigma) is then carefully added so that it does not clump. Next 20 uL of a 50 mg/mL stock
solution of gentamicin sulfate (Gibco-BRL, Gaithersburg, MD) is added. The solution
is then stirred gently with a magnetic stir bar, and 10 mL of the CaCl, 10X stock
solution is slowly added. To avoid the formation and precipitation of calcium phos-
phate, the CaCl, stock is added last. The solution is then transferred to a 100-mL gradu-
ate cylinder, and the volume is brought up to 100 mL with water. The medium is then
sterilized by passage through a 0.2-um filter using a Nalge Nunc (Rochester, NY) or
other suitable disposable filtration apparatus. The medium can be stored at 4°C for up to
1 wk. This medium is called KSOM.
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¢. To make KSOM + AA, the amino acids are added immediately prior to use. A MEM
nonessential amino acid solution (Gibco-BRL, #11140-050) and MEM amino acids
solution without glutamine (Gibco-BRL, #11130-051) are used. The nonessential
amino acids come as a 100X stock, and the essential amino acids solution comes as a
50X stock. The correct amount of each of these amino acid solutions is then directly
added to the desired amount of KSOM to be used.

13. Bicarbonate-free MEM/PVP: Minimal essential medium (containing Earle’s salts and
glutamine but not containing bicarbonate) is obtained from Sigma as a powder (#M-0268).
The bicarbonate is replaced with 25 mM HEPES, pH 7.2, and is supplemented with pyru-
vate (100 pg/mL), gentamicin (10 pg/mL), and polyvinylpyrrolidone (PVP) (3 mg/mL);
the PVP is of M, = 40,000 (Sigma).

14. Water: Highly pure water is required for the preparation of the culture media, because
preimplantation mouse embryo development is extremely sensitive to impurities present
in the water. Highly purified water suitable for embryo culture can be obtained by first
passing reverse-osmosis grade water through a set of ion-exchange and activated-charcoal
filters. This water is then fed into a Milli-Q water purification system that generates
18.2 MQ water. Initially passing the reverse-osmosis water through the ion-exchange and
activated-charcoal filters greatly increases the life of the cartridges used in the Milli-Q
system. Purified water can also be purchased from commercial sources such as Sigma.

3. Methods
3.1. Superovulation of Mice

Female mice at least 6 wk of age are superovulated by intraperitoneal injection of
5-7.5 IU of pregnant mare’s serum gonadotropin (PMSG) followed by intraperitoneal
injection of 5-7.5 TU of human chorionic gonadotrophin (hCG) 44-48 h later; use a
1-mL tuberculin syringe with a 27.5-gage needle. A single female mouse is then housed
with a single male mouse of proven fertility. The next morning the females are
removed and examined for the presence of a vaginal plug, which is indicative that
mating has occurred and the female is assumed to be pregnant. Typically, the females
are injected with gonadotropins between 2 and 4 pm and the plugs examined at
approx 9 am (see Note 2).

3.2. Embryo Collection

Subheading 3.3. describes the collection of one-cell embryos. A similar method is
used to collect embryos at later stages of development (e.g., two-cell stage, except that the
embryos are flushed from the oviducts/uteri [no hyaluronidase treatment is necessary]).

1. Following sacrifice of the mice by cervical dislocation, the entrance to the body cavity is
gained and the uteri/oviducts are located. Removing as little as possible of adhering fat
tissue and uterus, the oviducts from a single animal are excised and placed in a 100-uL
drop of bicarbonate-free MEM/PVP containing 0.5 mg/mL of hyaluronidase. Typically,
6 drops can be placed on a 60-mm plastic Petri dish (either the top or the bottom), and thus
embryos can be collected from six mice.

2. The ovulated and fertilized eggs that are embedded in a cumulus cell mass are readily
detected by the distension of the oviduct that appears fairly translucent under the
stereodissecting microscope. Holding the oviduct with a pair of #5 forceps, the fertilized
eggs are released from the oviduct into the medium by nicking the distended portion of the
oviduct with a 27.5-30 gage needle. The cumulus cell mass usually extrudes itself, but if
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it does not, the needle can be used to tap on the oviduct to force the embryos out into the
medium (see Note 3). Once the fertilized eggs are released, remove the oviduct and any
attached tissue from the drop with the forceps.

3. Examine each drop carefully. As soon as the cumulus cells are uniformly dispersed,
harvest the fertilized eggs from each drop with a mouth-operated micropipet and trans-
fer them in a minimum volume (i.e., <5 uL) to a 100-uL drop of MEM/PVP-bicarbonate
(see Note 4).

4. Wash the embryos through 5-6 100-puL drops of MEM/PVP-bicarbonate to remove

residual hyaluronidase and cumulus cells that were initially collected with the embryos.

The transfer volume should be <5 UL (see Notes 5 and 6).

The embryos are now ready to be transferred to the culture medium.

6. To obtain embryos at later stages of development, embryos from the 2-cell to 8-cell stage
are flushed from the oviduct, and morula and blastocysts are flushed from the uteri using
bicarbonate-free MEM/PVP; hyaluronidase is not present. Plastic Petri dishes (35 mm in
diameter) are very convenient to use, because following flushing, the embryos are initially
dispersed throughout the dish, can rapidly be gathered at the middle of the dish by a gentle
swirling motion. Two-cell embryos, four-cell, eight-cell, morula, and early cavitating blas-
tocysts can be collected 48, 60, 72, and 96 h post-hCG, respectively.

b

3.3. Embryo Culture

1. About 1-2 h prior to the start of culture, set up a series of 35- or 60-mm Petri dishes
containing KSOM + AA. The volume of the drops can be between 10 and 100 uL
(see Note 7). The drops are then overlaid with either silicon or light mineral oil that has
been equilibrated with the culture medium (see Note 8). The dishes are then placed in a
flying saucer incubator that is gassed for several minutes with 5% CO,/5% 0,/90% N,
prior to sealing the container, which is then placed in a 37°C incubator. The medium is
allowed to equilibrate for at least 1 h.

2. The embryos present in the HEPES-buffered medium are first transferred in a vol <5 uL to
a drop of equilibrated KSOM + AA prior to their transfer to the drop of medium in which
they will be cultured. When using small culture volumes (e.g., 10-25 pL), the embryos
should be transferred in 1-2 pL.. Embryo washing and transfer should be done as rapidly
as possible to minimize pH and temperature changes in the equilibrated drops of medium.
The presence of the oil will overly minimize pH fluctuations, because of loss of CO, from
the culture medium, as well as temperature decreases. This protective effect, however, is
not robust and hence there is an urgency to conduct the transfers in as short as time as
possible. Once the embryos are transferred, the culture dish is returned to the flying saucer
incubator, which is then regassed with 5% CO,/5% O,/90% N, prior to returning it to the
incubator.

3. Frequent removal of the embryos from the culture chamber to monitor the developmental
progress of the embryos can retard their development. This is most likely caused by tem-
perature fluctuations and changes in pH of the culture medium. To minimize this effect,
when the embryos are not being examined, the culture dishes can be placed on a slide
warmer set at 37°C and covered with a Plexiglas box that is connected to a 5% CO,/5%
0,/90% N, gas tank; the gas mixture is first passed through a gas washing bottle.

4. Notes

1. KSOM fosters excellent development in vitro. The addition of amino acids has little, if
any, effect on development of embryos to the blastocyst stage. Their inclusion, however,
does stimulate the incidence of cavitation at early time points, although by 120 h follow-
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ing fertilization the same percentage of embryos has reached the blastocyst stage in either
KSOM or KSOM + AA. The inclusion of amino acids also increases the incidence of
blastocyst hatching.

Because ovulation and fertilization occur some 12—-14 h post hCG, the time of plug detec-
tion is routinely referred to as day 0.5. It should be noted, however, that some laboratories
term this day O or day 1. What is a better way of monitoring time is to state the time
following hCG administration.

If too long of a time elapses between hCG administration and collection of the one-cell
embryos, hyaluronidase activity apparently present within the oviduct results in the dis-
persion of the embryos. This results in no longer being able to observe a visible distension
in the oviduct and the embryos are no longer readily expelled. They can be recovered,
however, by flushing the oviduct as one would do to collect two-cell embryos.

Work as quickly as possible, as many investigators note that the longer the cells are
exposed to hyaluronidase, the poorer is their subsequent development.

Again, work as quickly as possible, because the longer the embryos are held in the wash
medium prior to transfer to the culture medium, the poorer is the ensuing development.
Although these steps are routinely conducted at room temperature—and this may contrib-
ute to the poorer development—it should be noted that early preimplantation mouse
embryos do not possess certain ion channels that regulate intracellular pH (10). The use of
HEPES-buffered medium that either does not contain or contains lower concentrations of
bicarbonate likely results in perturbations of intracellular pH that detrimentally effect
development. The use of HEPES-buffered medium is required to minimize pH fluctua-
tions that would occur during the course of embryo manipulation.

The diameter of the Pasteur pipets that are used should be about 1.5% the diameter of the
embryos, i.e., about 120 um. Too narrow of a pipet tip will result in embryo distortion and
death. Too large of a pipet will result in unacceptably large transfer volumes. The tips of
the pipets should be drawn out so that essentially all of the collected embryos are con-
tained within the drawn out portion of the pipet. The embryos should do not enter the
wider region just above the “needle” portion. If they do, they may be damaged during their
expulsion from the pipet, since they may get damaged when too many try to enter the
region of the pipet in which the diameter is of similar size to the embryos’ diameter.
In addition, even though the inclusion of PVP minimizes nonspecific adhesion to the
glass pipet, such adhesion that results in embryo loss can still occur. Siliconizing the pipets
prior to use can also minimize such nonspecific adhesion.

Embryo development is enhanced when the embryos are cultured at high density
(e.g., 1 embryo/uL). The likely explanation for this effect is that the embryos synthesize
and secrete growth factors into the culture medium that stimulate proliferation and reduce
apoptosis (11). When the embryos are cultured at a low density, their ability to condition
the medium is reduced and this likely accounts for the poorer development that is observed.
This equilibration appears to remove contaminants from the oil that can inhibit
development (12).
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In Vitro Culture of Rodent Embryos
During the Early Postimplantation Period

Masahiko Fujinaga

1. Introduction

Mammalian embryos grow within the uterus. This inaccessibility makes mamma-
lian embryo investigations more difficult than those using non mammalian embryos.
Although attempts to grow mammalian embryos outside of the uterus have appeared in
the literature for many decades (see Note 1), a satisfactory methodology for rodent
embryos was first established by the efforts of Dr. Denis New and colleagues at Cam-
bridge University during the 1960s and 1970s (1). One of the many technical break-
throughs made by these investigators was the introduction of a roller bottle system (2),
which has allowed many investigators access to a simple, reliable system (3). Many
investigators, especially teratologists, have since participated in improving and refin-
ing rodent whole embryo culture systems.

Rodent whole embryo culture systems provide several distinct benefits for mamma-
lian embryo investigations. First, these systems permit direct observation of embryonic
development during culture. In addition, embryos can be subjected to manipulations,
for example, microinjection or microsurgery (see Note 2). Second, maternal factors are
eliminated in these in vitro systems. Third, variations in development can be mini-
mized in experimental settings by selecting embryos at the time of explantation
(see Note 3). Furthermore, embryos already showing abnormal development, includ-
ing those in the process of resorption, can be identified at the time of explantation and
either excluded from or included in the experiment (see Note 4). Fourth, the time lag
between maternal death and collecting embryos can be minimized and culture promptly
initiated (see Note 5). One of the limitations of these systems is that embryos can be
cultured only during the early postimplantation period (see Note 6). Nevertheless, vari-
ous important developmental events are occurring during this period, which make
rodent whole embryo culture systems extremely valuable tools for mammalian embryo
investigations (see Note 7). (Many investigators have taken up the challenge of cultur-
ing embryos/fetuses at other stages of development with some success; however, it is
beyond the scope of this chapter to cover such topics.)

At the present time, methodologies for rodent whole embryo culture systems have
been well established, particularly those for the early postimplantation period. However,

From: Methods in Molecular Biology, Vol. 135: Developmental Biology Protocols, Vol. |
Edited by: R. S. Tuan and C. W. Lo © Humana Press Inc., Totowa, NJ
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misunderstandings persist among some investigators, and one reads comments such as,
“rodent whole embryo culture systems are difficult to perform,” or “embryos do not
grow as well as under in vivo conditions.” Indeed, rodent embryos cannot be cultured
in a similar fashion as nonmammalian embryos. Nevertheless, rodent whole embryo
culture is not extremely difficult to perform, and almost all embryos should grow as
well as under in vivo conditions during a certain periods of development, for example,
from the so-called “early somite stage” through the “early limb bud stage” between GD
9 and GD 11 in the rat and GD 7 and GD 9 in the mouse (see Note 8). This chapter aims
to help investigators who are not very familiar with mammalian embryos to culture
rodent embryos during such developmental periods. After having succeeded in cultur-
ing embryos following a protocol in this chapter, readers are encouraged to apply or
expand it for their own investigative purposes. Also, many other papers are available to
compensate for material that could not be covered here (e.g., refs. 4-7).

2. Materials

1. Timed-pregnant animals: It is important to understand the exact stage of pregnancy (see Note 9
for a terminology and staging system, see Note 10 for breeding regimens, see Note 11 for
commercially available timed-pregnant animals, and see Note 12 for suggestions for those
who have never worked with rodent embryos).

2. Anesthesia machine: The ideal systems to provide anesthesia to the mouse or rat for the
purpose of whole embryo culture and for obtaining serum (blood) for culture medium are
those using surplus anesthesia machines and vaporizers for inhalational anesthetic agents
for human use. (See Note 13 for an example of such a system and see Note 14 for alterna-
tive systems.)

3. Surgical tools to dissect the uterus: Large surgical scissors and toothed forceps to cut
abdominal skin and muscle, and small surgical scissors and small toothed forceps to dis-
sect the uterus (see Note 15).

4. Sterile applicators (so-called “cotton tips”) to expose the abdominal aorta (see Note 16).

Sterile disposable syringes (10 mL) and needles (18-gage or 20-gage) to withdraw blood

from the abdominal aorta and “alcohol prep pads” (see Note 17).

Sterile disposable glass tubes (10-15 mL) to centrifuge blood (see Note 18).

Clinical centrifuge for initial centrifugation of blood (see Note 19).

Refrigerated centrifuge for subsequent centrifugation of blood (see Note 20).

Sterile disposable polypropylene tubes (50 mL) to collect and store serum (see Note 21).

Sterile disposable Petri dishes (100 X 15 mm and 60 X 15 mm).

Hank’s balanced salt solution (HBSS) as a dissecting medium and for supplementation of

culture medium (see Note 22).

12. Antibiotics to prevent bacterial growth in culture medium (see Note 23).

13. Sterile glass dissecting dishes with a silicon bottom (so-called “silicon Petri dish™)

(see Note 24) and 1.25-in.-long dressmaker pins for dissection of deciduae.
14. Surgical tools to dissect embryos from the uterus: fine scissors and fine forceps to dissect
deciduae from the uterus and to dissect embryos from deciduae (see Note 25).

15. Dissecting microscope (see Note 26).

16. Sterile transfer pipets (see Note 27).

17. Sterile culture bottles (see Note 28).

18. Culture medium: The most commonly used culture medium is a combination of rat serum

(75-80%) and balanced salt buffer solution (25-20%) HBSS, for both rat and mouse sys-
tems (see Note 29).
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19.

20.

Custom made mixed gases, for example, 5% O,/5% CO,/90% N,, 20% O,/5% CO,/75% N,,
and 95% O,/5% CO,, and gas regulators (see Note 30).
Bottle rotator and incubator (see Note 31).

3. Methods
3.1. Explantation of Embryos

1.

Anesthetize the animal (Fig. 1A, see Note 32).

2. Wet the abdomen with rubbing alcohol and blot with a piece of tissue paper (Fig. 1B,

10.

1.
12.

13.

14.

15.

16.

17.

18.

see Note 33).

Make a transverse abdominal skin incision with scissors, then make T-shaped muscle
incisions. (Do not cut skin and muscle together, because this may cause an accidental
incision of the intestine, which is a potential source of bacterial contamination.)

Expose the abdominal aorta using a pair of sterile cotton applicators for blunt dissection
(Fig. 1C,D, see Note 34).

Put an alcohol prep pad over the urethra (to avoid contamination of the syringe and needle),
and draw blood from the abdominal aorta using a disposable needle and syringe (Fig. 1E,
see Note 35).

After collecting blood, remove the needle from the syringe, and immediately transfer the
blood into a sterile 10—15-mL glass tube (see Note 36).

Immediately centrifuge the tube for 10—15 min (while dissecting embryos) at room tem-
perature, and then keep the tubes in a refrigerator until all animals are killed (proceed to
Subheading 3.2. for collection of serum for culture medium; see Note 37).

Grab the uterine cervix with a toothed forceps and cut the uterine cervix on the vaginal
side with small scissors.

Pull the uterine cervix upward (hold tight while doing this, not to drop the uterus),
remove fat attached to the uterus, and separate the uterus together with its ovaries
(Fig. 1F, see Note 38). (The rat and mouse have a uterus with two horns, each with its
ovary.)

Immediately rinse the uterus once in HBSS in a Petri dish (100 X 15 mm) to remove the
adherent blood (Fig. 2A).

Open the thoracic cavity and incise the heart to insure death of the animal.

Transfer the dissected uterus to a silicon Petri dish containing HBSS, and pin through the
uterine cervix and an ovary (Fig. 2B).

Make incisions on the opposite side of the mesenterium in the uterus using a fine pair of
scissors, and dissect the deciduae from the uterus (Figs. 2C and 3, see Note 39).
Remove the uterine horn from the dissected side, and repeat the procedures for the
other side.

Transfer the deciduae into another Petri dish (60 X 15 mm) containing HBSS, and
dissect the embryos from the decidua using two pairs of fine forceps (Figs. 3 and 4,
see Note 40).

Remove Reichert’s membrane (parietal yolk sac) using a pair of fine forceps (Fig. 5,
see Note 41).

Transfer the embryos into the culture bottle using a sterile disposable transfer pipet
together with minimum amount of HBSS (see Note 42).

Flush the inside of the culture bottle with an appropriate gas mixture depending on
the developmental stage for 15-30 s (see Note 43), cap the bottle, and place it on a
rotator at a minimum of 20 rpm (preferably 30 rpm or higher) in a 37-38°C incubator
(see Note 44).
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Fig. 1. (A) Anesthetizing a rat using isoflurane-N,0-0O,. (B) The rat is placed on its back,
the abdomen is made wet with rubbing alcohol and blotted with a piece of tissue paper. (C) The
abdomen is incised in a T-shape as indicated in (B) by the dashed lines. This method of incision
seems to cause minimal bleeding from incision sites. (D) The abdominal aorta is exposed using
a pair of sterile cotton tips. (E) An alcohol prep pad is placed over the urethra, and blood is
drawn from the abdominal aorta. (F) The uterine cervix is grabbed with a toothed forceps, and
while pulling the uterine cervix upward, fat attached to the uterus is cut. Abbreviations:
AC, anesthetic chamber; APP, alcohol prep pad; UC, uterine cervix; Ov, ovary.
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Fig. 2. (A) The dissected uterus in a Petri dish containing HBSS. (B) One uterine horn is
pinned on a silicon Petri dish by the uterine cervix and an ovary. (C) The dissected deciduae
from one uterine horn and the other intact uterine horn containing its deciduae. (D) Dissected
deciduae from both uterine horns and the remaining uterine horn. Abbreviations: De, deciduae;
UC, uterine cervix; Ov, ovary.

3.2.

1.

Collection of Serum for Culture Medium

Cover the precentrifuged tubes with Parafilm and centrifuge at 20004000 rpm (1000—
2000g) at 4°C for 1-2 h or longer (see Note 45).

Collect and pool the serum in 50-mL sterile polypropylene centrifuge tubes (see Note 46).
Place a cap on the tube and incubate in water bath at 56°C for 30 min; this procedure is
called “heat inactivation” (see Note 47, see ref. 11).

Cool the tube at room temperature.

Record the volume of serum, and store the tube in —80°C freezer (see Note 48).

. Preparation of Culture Medium

. When a large volume of serum has been accumulated, say, 100 mL or more (the larger, the

better), thaw the collected serum (see Note 49).

Pool serum in a sterile container (see Note 50).

Add 0.25 vol HBSS; Final HBSS concentration = 20% and final serum concentration =
80% (see Note 51).

Add antibiotics as 1% of total volume; 10 mL/L of medium.

Make aliquots of appropriate volumes in 50-mL sterile polypropylene centrifuge tubes or
cryotubes and store at —80°C (see Note 52).

Thaw the necessary amount of culture medium at 37°C, and transfer to culture bottles.
Flush bottles with appropriate gas mixtures, cap with stoppers, and place in an incubator
until used.
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Fig. 3. A series of photographs showing how to dissect the embryo from the decidua using
two pair of fine forceps on GD 9 in the rat (equivalent to GD 7 in the mouse). (A) There is a pair
of pits on the decidua (one just beneath the asterisk mark, and another one on an opposite side).
(B) First, stick one side of the forceps through those pits. (C) Close the forceps. (D) Along the
side of this pair of forceps, cut off the top part of the decidua using another pair of forceps by
closing the forceps. (E) Separate the decidua into two halves. Be careful not to injure the embryo
during this procedure. Again, separate the piece of decidua containing the embryo into another
two halves (not shown). (F) Gently detach the embryo from the decidua using forceps. Avoid
injuring the embryo as much as possible. If an embryo is damaged or injured too much during
these procedures, one should abandon this embryo.

3.4. Assessment of Embryos

1.

Prepare at least two Petri dishes (60 X 15 mm) containing appropriate buffer solution,
typically phosphate-buffered saline solution (PBS) or HBSS. (Use a sterile one if embryos
are to be returned to culture.)

Carefully transfer embryos from a culture bottle into a Petri dish using a disposable trans-
fer pipet, and rinse out the surrounding culture medium. (The yolk sac is a balloonlike
structure and is easily ruptured if not handled with caution.)

3. Again, carefully transfer embryos into another Petri dish containing clean buffer solution.

4. Dissect the yolk sac from embryo using a pair of fine forceps.

5. Assess and process embryos as required (see Note 53).

4. Notes

1. A historical perspective on mammalian whole embryo culture is reviewed elsewhere (12-14).
The term “rodent” is used in this chapter to indicate mouse or rat to be consistent with the
literature in this area of research, although it may not be precise.

2. Various types of embryo manipulation have been attempted using whole embryo culture

systems and are reviewed elsewhere (15-17).
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Fig. 4. Illustrations of embryos at stage 11b (on GD 7 in the mouse and GD 9 in the rat)
indicating commonly used terminology. (A) Embryo within the uterus. (B) Embryo after dis-
section from its decidua. The terms “neural plate,” “neural fold,” and “head fold” are used
inconsistently in the literature. The following sentences clearly distinguish these terms (8):
“As the notochord develops, the embryonic ectoderm over it thickens to form the neural plate.
... [T]he neural plate invaginates along its central axis to form a neural groove that has neural
folds on each side. ... The head fold ... the neural folds in the cranial region begin to thicken
and project dorsally into the amniotic cavity.” The term “head fold” is often misused to indicate
“neural fold.” (The term “head process” often used in the old literature indicates “notochordal
process.”) The term “archenteron” was commonly used to describe the indentation caused by
development of notochordal plate (9). The same areas of indentation is now more commonly
called as “node.” Abbreviations: AL, allantois; AM amnion; AC, amniotic cavity; CH, chorion;
DE, decidua; EC, ectoplacental cone; ECa, ectoplacental cavity; ECC, extraembryonic coelomic
cavity; EMC, embryonic cylinder; M, mesenterium; N, node; NF, neural fold; RM, Reichert’s
membrane (parietal yolk sac); UC, uterine cavity; UW, uterine wall; YC, yolk sac cavity.

3. Large variations in the development of rodent embryos are known to occur during gesta-
tion within litters (intralitter variability) and among litters (interlitter variability) (18,19);
examples are shown in Figs. 6 and 7. One advantage of the whole embryo culture system
compared with in vivo systems is that embryos can be divided into different stages at the
time of explantation, thus minimizing variations within and among experimental groups.

4. For those who have not worked with rodents before, the following are how intrauterine
losses are usually expressed in rodent experiments. Preimplantation loss = (no. of corpora
lutea — no. of implantation)/no. of corpora lutea). Postimplantation loss = (no. of implan-
tation — no. of viable embryo/fetus)/no. of implantation. Postimplantation loss may be
visually undetectable if it occurs many days in advance. If such a possibility is suspected,
a chemical staining method is often used to detect implantation sites (21). In brief:

a. Trim excess fat from uterus and open; keep ovary attached.

b. Pin the stretched uterus to a Pyrex tray, cover with a 10-12% ammonium sulfide solu-
tion (1 part of stock ammonium sulfide solution and 1 part of distilled water), and let
stand for 10—15 min.

c. Drain, and cover with distilled water for -2 min. Repeat several times.

d. Implantation sites will be stained as small blue/green/black spots on the lumen surface.
Steps b—d must be done in a fume hood. (Derived from a protocol in Dr. Thomas

Shepard’s laboratory at the University of Washington, Seattle.)

5. If an embryo is already in culture, the time lag between collection of the embryo and
sample processing (for example, for fixation or freezing), will be greatly minimized com-
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Fig. 5. Illustrations comparing two different ways of removing Reichert’s membrane in the
rat embryo at stage 11a, so-called “early neural plate stage”; derived from (10). Embryos at this
stage have three visible compartments: ectoplacental cavity, extraembryonic coelomic cavity,
and amniotic cavity. The upper row (A1) to (A3) indicates the standard method of stripping
Reichert’s membrane away from the same side as the embryo. The lower row (B1) to (B3)
indicates the method of removing Reichert’s membrane from the side opposite the embryo after
excising the ectoplacental cone and destroying part of other extraembryonic structures. The
latter method is quicker and easier to perform and has a lesser chance of damaging the embryo.
A similar method is used for younger embryos as early as stage 9, the so-called “primitive
streak stage” (10). However, this method is not applicable after the ectoplacental cavity closes,
that is, after stage 12. Furthermore, this method is not recommended for mouse embryos because
the chorion will protrude. Abbreviations: AC, amniotic cavity; AM, amnion; ECa, ectoplacental
cavity; ECC, extraembryonic coelomic cavity; EC, ectoplacental cone; EE, embryo; FC, for-
ceps; RM, Reichert’s membrane.
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Fig. 6. The distribution of different stages of rat embryos explanted at 8-9 am on GD 9 (203
embryos from 20 litters, unpublished data). Timed-pregnant animals were obtained by breed-
ing for 2 h between 8 and 10 aM (B & K Universal, Fremont, CA).
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Fig. 7. The distribution of somite numbers in rat embryos examined at 11-12 am on GD 11
(derived from ref. 18). Closed bars indicate embryos obtained from a morning short period
breeding regimen, that is, 2 h between 8 and 10 am (20 litters and 250 embryos). Open bars
indicate embryos obtained from an overnight breeding regimen, i.e., 16 h between 5 pm and
9 am (22 litters and 299 embryos). Mean somite numbers (= S.D.) were 23.7 £ 0.7 and 24.9 £ 1.1
(litter as a unit [B]) and 23.7 + 1.3 and 24.9 £+ 1.5 (embryo as a unit [A]), respectively. Based on
the known linear increase of somites on GD 11 of approx 0.6 per hour (20), the developmental
difference between the two groups is approx 2 h.

pared with embryos that must be dissected from a mother. This is a particular advantage
when the desired target signal is RNA.

6. Figure 8 illustrates the development of rat embryos in culture explanted at different stages
(22). It has been demonstrated by many investigators that mouse or rat embryos grow as
well in vitro using whole embryo culture systems as under in vivo conditions. For example,
the increase in protein content between GD 9 and GD 11 in rats is almost identical in in
vitro and in vivo conditions (Fig. 9). GD 11 coincides with the time when placental circu-
lation is beginning to be established.

7. Representative developmental events occurring during the early postimplantation period
are shown in Fig. 10; neurulation (which includes the process of neural tube closure),
initiation of cardiogenesis, vasculogenesis, angiogenesis and hematopoiesis, initiation of
heart beat and systemic circulation (Fig. 11), early development of optic and otic systems,
development of branchial arches, early development of limbs, and early development of
morphological asymmetry.

8. It is generally recognized that mouse embryos are more difficult to culture than rat
embryos, particularly from earlier stages, before stage 12. Nevertheless, both embryos
should be easily cultured after stage 12, the so-called “early somite stage.” Thus, it is
recommended for those without rodent embryo culture experience to first try culturing
embryos from stage 12. Also, embryos at this stage are easier to handle than those of older
stages because the exocoelomic cavity has not yet been expanded very much, thus there is
less chance of rupturing the embryonic cylinder. In addition, embryos at stage 12 seem to
be relatively more tolerant of surgical invasions, and they will accept damage relatively
well that might occur during explantation procedures.

9. In nonmammals, the term “embryo” is used to refer to the organism at any time period
between fertilization and birth. In mammals, however, the term “embryo” is defined as the
developing organism during the period from the formation of the bilaminar embryonic
disc (epiblast and hypoblast) until the end of organogenesis, when most of the major organs
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Fig. 8. Diagram derived from (22) showing the development obtainable from rat embryos in
culture explanted at different stages of organogenesis. (The length of each black area indicates
the extent of differentiation in culture. The increasing height of the black areas from left to right
symbolizes the growth in size of the embryos.)
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Fig. 9. Total protein content of rat embryos cultured from GD 9-GD 14 compared with
growth in vivo; derived from (22).
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Approximate GD Modified
Mouse Rat Theiler’s stage Developmental events
5 7 9 Primitive streak presents
6 8 10a Amniotic folds are visible
7 9 10b Amniotic formation is complete
11a Neural groove is visible in the midline in frontal view
Neural folds are not visible from lateral view
Allantoic bud begins to develop
11b Neural folds are clearly visible from lateral view
11c Forgut pockets is visible (somites not visible)
Cardiac primordial cells appear
12/s1-2 First pair of somites is visible
12/s3-4 Contraction of cardiac cells begins
8 10 12/s5-6 Bilateral heart tubes meet in the midline
Primitive heart begins to beat
12/s7-8 Cardiac looping begins
Twisting of upper body begins
Cephalic neural tube begins to close
Hematopoiesis begins in the yolk sac
13/59-10 Allantois makes connection with chorion
Yolk sac circulation becomes visible
13/s11-12 Twisting of middle body begins
14/s13-14
14/s15-16 Twisting of lower body begins
Cephalic neural tube is almost closed
Embryo detached from the yolk sac
9 11 14/s17-18 Axial rotation finishes

Forelimb buds become visible

Fig. 10. Summary of the modified Theiler’s staging system (23) and developmental events

at each stage during the early postimplantation period. (Precise developmental events may vary
in different species and strains.)

have been established (8). In addition, the term “fetus” describes the organism from the
end of organogenesis until birth. This discrepancy in definitions of embryos between
nonmammals and mammals sometimes causes confusion among investigators. Further-
more, investigators use various staging systems for rodent embryos, which also causes
confusion on some occasions (23). In this manuscript, a modified Theiler’s system pro-
posed by this author is used (Figs. 10 and 12). In addition, gestational day (GD) is used to
refer to the approximate time of development. GD 0 is defined as the day when a copula-
tory plug was observed. Although similar time-based staging systems are often used in the
literature, such systems are of minimal value unless pictures or descriptions of the embryos
or fetuses at each stage are presented, because the large variation in development among
embryos and fetuses within a litter and among litters can vary by more than a half day in
the mouse and rat over the whole gestation, including the early postimplantation period
(see Note 3).
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Fig. 11. Development of heart rate in rat embryos (unpublished data from a total of 90 embryos).

Embryos were cultured from stage 11b/11c and were subjected to videotape recording under a
dissecting microscope at different stages of development in the open perfusion microincubator
system (Narishige Model PDMI-2, Tokyo, Japan) which was set at 37.7°C. Each embryo was
used for heart rate determination only at a single developmental stage.

10.

1.

Two types of breeding regimens are commonly used, namely, overnight breeding and

morning short-period breeding regimens. (See ref. 18 for a comparison of these regimens.)

Although the short-period breeding regimen was originally developed to minimize

developmental variations among litters by reducing variation in timing of copulation, it

is now assumed that other factors such as the timing of implantation play more signifi-

cant roles in developmental variation. Nevertheless, the short-period breeding regimen

seems to be more advantageous than overnight breeding because copulation of animals

from a previous “heat” cycle and the next “heat” cycle are eliminated. The time differ-

ence in development between the two breeding regimens is reported to be only 2 h in

rats on GD 11 (18).

Timed-pregnant animals are commercially available from most breeders. However, the

following issues should be clarified before ordering animals:

a. What pregnancy rate is guaranteed? Some breeders guarantee a 100% pregnancy rate,
most 50%, but some none at all.

b. What kind of breeding regimen is used? Although most breeders use a overnight breed-
ing regimen, they sometime accept a request for a morning short-period breeding regimen.

c. Age of female animals? Breeders tend to breed female animals as young as possible,
perhaps for cost-effectiveness. However, according to this author’s experience,
younger females occasionally provide embryos almost 1 d younger than expected.
It appears that younger female animals take a longer time to complete the implantation
process, which results in younger than expected embryos. Indeed, this problem has
been solved in this author’s laboratory by asking the breeder to use older female rats
(13—15 wk old) rather than younger female rats (9—11 wk old).

d. Location of breeder? Try to obtain timed-pregnant animals locally, because shipment
during the implantation period is generally known to result in a higher than normal
resorption rate.
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Fig. 12. A series of photographs of Sprague-Dawley rat embryos (B & K Universal) at differ-
ent developmental stages, classified by a modified Theiler’s staging system (23).

12. For those who have never worked with rodent embryos, this author strongly recommends
killing 5-10 animals at one time-point to create a frequency distribution figure such as
shown in Figs. 6 and 7, which will help determine the timing of experiments. (Similar
experiments at several other time-points will also be helpful.) After the first somite pair
develops, at stage 12, the number of somite pairs is known to increase almost linearly
(20), 0.6 per hour, at least until GD 11 in rat and GD 9 in mouse. Thus, it is relatively easy
to estimate the developmental stages of embryos to be harvested at a certain time-point.
On the other hand, with embryos before stage 12, the so-called “presomite stage” and
“primitive streak stage,” it is more difficult not only to estimate the developmental stage
but also to determine the embryonic stage itself. Inconsistency in terminology and staging
systems among investigators makes this more difficult. Readers who need to work on
those stages should first to read the referenced manuscripts (19,23).
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Fig. 13. (A) The anesthetic system (surplus anesthesia machine and vaporizer for human
use) that is used in the author’s laboratory. (B) A diagram of the system. The anesthesia cham-
ber shown in this figure and Fig. 1A is made of a 120-mL plastic specimen container, whose
mouth is covered with a disposable rubber globe using a rubber band; a cross-shaped slit is
made by razor blade in the center. Abbreviations: AC, anesthetic chamber; FR, flow regulator;
V, vaporizer.

13.

14.

This author believes that the ideal system to provide anesthesia is an anesthesia machine
for human use (Fig. 13). This is ideal because anesthetic depth is easily controlled. Anes-
thesia machines for small animals are also commercially available, but they are relatively
expensive, approx $5500 including a vaporizer (Stoelting, Wood Dale, IL). As anesthetic
agents, inhalational anesthetics are ideal because the animals are anesthetized quickly and
the effects of the agent on embryos and serum content are minimal. The most commonly
used inhalational anesthetics at the present time are isoflurane and halothane, which are
usually administered using flow- and temperature-independent vaporizers. Surplus anes-
thesia machines and vaporizers for human use are sometime available from operating
rooms or research laboratories in anesthesia departments. Similarly, halothane and
isoflurane for human use, but which are beyond their expiration dates, are sometimes
available from operating rooms; such agents work fine with animals. A vaporizer specifi-
cally designed for use with halothane, enflurane, or isoflurane can be used with another
agent. Although the concentration scale can be corrected to be precise, the differences are
small enough to be ignored for animal usage. To clean the used vaporizer, run a low flow
of compressed air through the vaporizer overnight in a fume hood.

If a vaporizer is available but not an anesthesia machine, the vaporizer can be used with
either compressed air or 100% oxygen as a carrier gas, although the concentration of
inhalational anesthetic has to be increased approx 2X to compensate for the lack of N,O,
and induction may take a little longer. Alternatively, a custom mixture of gases consisting
of 75% N,0/25% O,, could be used as a carrier gas. If a vaporizer is not available, custom
gas mixtures consisting of 2% isoflurane or 1% halothane/75% N,0/25% O,; 2% isoflurane
or 1% halothane/100% O,; or 2% isoflurane or 1% halothane in air can be used. These
custom gas mixtures will cost approx $100-150 for a medical grade E-size tank. The most
important issue is to establish a standard procedure to anesthetize the animals so that
whole blood can be withdrawn at a reasonable speed (see Note 35) without under- or
overanesthetizing the animal. Although methoxyflurane is often used by veterinarians,
perhaps because it is easily used without an anesthetic machine and vaporizer, it is not
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24.

recommended for use because of potential renal toxicity in investigators. (Methoxyflu-
rane is no longer used for clinical anesthesia.) If methoxyflurane or ether is used when
collecting blood to obtain serum, make sure to leave the cap of the tube open during the
heat inactivation procedure (see Subheading 3.2.3.) because these agents are extremely
lipid soluble. They remain in serum even after short periods of administration. If not aim-
ing to collect serum, an animal may be killed by cervical dislocation or by carbon dioxide
inhalation, although this author does not prefer the latter method because it is now recog-
nized to be extremely stressful for the animals unless given while gradually increasing
concentration.

This author recommends storing surgical tools in a bactericidal solution such as zephiran
chloride. To make 1 L of zephiran chloride solution, mix 7.8 mL zephiran chloride, 525.5 mL
95% ethanol and 466.7 mL autoclaved distilled water, and add 3-4 antirust tablets
(#A-270, Winthrop-Breon Laboratories, New York, NY) after grinding to fine powder.
Do not forget to rinse surgical tools with sterile water before use.

Individually wrapped sterile disposable cotton or polyester applicators are commercially
available and are convenient.

Individually wrapped sterile disposable syringes and needles are commercially available.
Syringes with a luer lock designed to prevent the piston from coming out when overdraw-
ing are most convenient. For female rats, a 10-mL syringe is an appropriate size. For adult
male rats, 20 mL is an appropriate size. For beginners, a 20-gage, 1.5-in. needle is recom-
mended, but it takes longer to withdraw blood. Once accustomed to this procedure,
a 18-gage 1.5-in. needle is recommended. Although mouse serum is not commonly used
for culture medium, a 3-mL syringe and 25-gage needle are most appropriate in size if it is
necessary to collect blood from mice.

Disposable borosilicate glass culture tubes are recommended; autoclave them before use.
Polypropylene tubes are not appropriate for separating serum.

An inexpensive clinical centrifuge is good enough for this purpose. It will be convenient if
two centrifuges are available, particularly when a large number of animals are to be sacri-
ficed at one time to collect serum. Centrifugation speed is not a critical issue, but the blood
has to be centrifuged before clotting begins. This is one of the key factors for successful
culture, particularly when culturing from presomite stage, before stage 12 (see Note 36).
Although high-speed centrifugation is not necessary, refrigeration is needed to prevent
evaporation, which may lead to higher serum osmolality.

Although various types of sterile disposable tubes are commercially available, a 50-mL poly-
propylene centrifuge tube is recommended. Make sure that the tubes tolerate ultra low
temperatures, because some polypropylene tubes will crack. This author routinely uses
Corning (Corning, NY) 50-mL centrifuge tubes (clear polypropylene, plug seal cap, ster-
ile, #25330-50). 15-mL tubes are not recommended because they often crack. If storing a
small volume, less than 3 mL, so-called “cryotubes” are appropriate.

Premade sterile HBSS is commercially available (#14025-092, Gibco-BRL, Gaithersburg,
MD). Those with phenol red are not recommended because visibility is reduced by phenol red.
Premixed penicillin and streptomycin is commonly used and is commercially available, as
5000 IV penicillin and 5 mg streptomycin per milliliter in 0.9% sodium chloride solution,
sterile-filtered (#P 0906, Sigma, St. Louis, MO). Adverse effects of these antibiotics on
normal development have not been reported. When using antibiotics in the culture
medium, autoclaving culture bottles, and storing surgical tools in bactericidal solution,
bacterial contamination rarely occurs.

A glass dissecting dish (20 X 100 mm) with a silicon base is commercially available
(#62-9016, Carolina Biological Supply, Burlington, NC); this is autoclavable. Alternatively,
such dishes can be made by placing silicon sealer on the bottom of a regular glass Petri dish.
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Fig. 14. The dissecting microscope used in this author’s laboratory (Wild M3Z Stereo Dis-
secting Microscope). Abbreviations: C, camera; L, light source.

25. This author uses the following forceps (Genuine Dumont Forceps, Dumont No. 5, BIO INOX,
11 cm long, #11252-20) and fine scissors (Walton, slight curve, strong, narrow blades,
very fine points, firm cutting action MORIA scissors, 10 cm long, #14077-10, Fine Sci-
ence Tools, Foster City, CA).

26. Although any type of dissecting microscope that provides 10-40X magnification is appro-
priate, a light source coming from the side (usually by using a separate fiberoptic light source)
rather than from the bottom of the stage works better. In addition, those with teaching scopes
and photo systems would be more convenient. An example is shown in Fig. 14.

27. Individually wrapped sterile disposable plastic transfer pipets are commercially available
and convenient. (Cut the tip depending on the size of embryo.)

28. There are several factors to be considered when choosing culture bottles (Fig. 15).

a.

Number of embryos to be cultured in a bottle has to be determined first, usually
3-5 embryos per bottle. Assuming that the culture period is 2 d from GD 9-GD 11 in
rat (GD 7-GD 9 in mouse), approx 1.5 mL of culture medium per embryo is needed
(Fig. 16). The size of culture bottle has to be at least 5-10X larger than the volume of
culture medium for CO, in the gas phase to be able to maintain pH in the culture medium.
The depth of culture medium in a bottle must be deeper than 5 mm for the embryo to
grow normally because the diameter of the yolk sac is approx 3—4 mm on GD 11 in the
rat (GD 9 in the mouse). Thus, a short bottle with a small mouth is ideal.

An appropriate stopper must be available. A rubber stopper is most ideal.

The cost of the bottle has to be reasonable. It is difficult to thoroughly clean a culture
bottle after using it with a high concentration of serum; thus, a disposable one is
preferable.

The bottle must tolerate sterilization (autoclave or gas sterilization).

Weight of bottle. Even though a heavy one (Fig. 16A), such a glass bottle, is preferable
for a roller type rotator (Fig. 17A), a light one (Fig. 16B) is preferable for a wheel type
rotator (Fig. 17B).
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Gas phase (5-10 times of medium volume)

Stopper (e.g., 5% CO2/5-95% 02/90-0% N2)

[

Depth of culture

medium > 5 mm
Culture medium Embryo within the yolk sac
(e.g., 1.5 mi/fembryo (e.g., 3-5 embryos/60 ml
from GD 9 to GD 11) bottle from GD 9 to GD 11)

Fig. 15. Diagram of a culture bottle used for rat whole embryo culture.

Fig. 16. Culture bottles that this author uses. Left: Wheaton glass serum bottle (Lawson
Mardon Inc., Mays Landing, NJ). 50-mL size (#223745); autoclave before use. Between three
and five embryos can be cultured in a bottle. At least 4.5 mL of culture medium is needed to
maintain enough depth, 4-5 mm. Right: Wheaton polyethylene terephtalate bottle, 45-mL size
(Wheaton, #221133); gas sterilization is ideal, although rinsing the inside with alcohol seems
to be good enough to prevent bacterial growth together with antibiotics in the culture medium.
As many as three embryos can be cultured in a bottle. A rubber stopper of an appropriate size is
recommended rather than the plastic screw cap that comes with the bottle, because it takes less
time to close the bottle after gassing.

29. Many types of culture medium have been used in the past and are reviewed elsewhere
(24). At the present time, 75-80% rat serum supplemented with HBSS or Tyrode’s solu-
tion is most commonly used for both rat and mouse cultures. Bovine serum is an attractive
alternative, and its successful use has been reported (25). However, it is not commonly
used, because not all bovine serum provides for satisfactory outcomes, thus a screening
experiment has to be conducted to find an appropriate serum. Human serum is another
alternative source of serum and is used as a supplement to rat serum (for example, 25% of
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Fig. 17. Incubators that this author uses. (A) The Boekel Rock’N’Roll Rotisserie Incuba-
tor—Flat rolling action type (Model No. 131000, Boekel Scientific, Feasterville, PA); although
rotation speed is adjustable, it is necessary to request a 2 times increased rotation speed capac-
ity directly from the manufacturer when ordering.) A total of 15 culture bottles shown in
(A) can be accommodated, that is, as many as 75 embryos can be cultured at one time when
culturing rat embryos from GD 9-GD 11 or mouse embryos from GD 7-GD 9. (B) Boekel
Bambino Hybridization Oven (Model 230300); no modification is necessary. This rotator/incu-
bator is particularly useful when limited space is available in the laboratory. A total of four
culture bottles shown in (B) can be accommodated, that is, as many as 12 embryos at one time
when culturing from GD 9-GD 11 in the rat.

30.

31.

total volume). However, it is generally known that not all human sera work well. To date,
an artificial culture medium capable of supporting normal development in rodent embryos
has not been developed. Thus, practically speaking, rat serum is the ideal serum. Although
many investigators use a mixture of serum from male, nonpregnant female, and pregnant
female animals, it has not been well characterized how much of serum from a pregnant
female animal is essential for a successful culture. As mentioned in Note 49, this author
believes that consistency in culture media among experiments, pooling a large volume of
serum from different animals, is most important. When culturing rat embryos from GD 9-
GD 11 or mouse embryos from GD 7-GD 9, 1.5 mL per embryo of culture medium is the
recommended amount to use (Fig. 15). Although there is no scientific basis, and it is not
commonly described in the literature, this author usually changes culture medium at the
midpoint when culturing mouse embryos. For example, start culturing embryos on GD 7
in 0.5 mL of culture medium per embryo. On GD 8, transfer embryos to another culture
bottle containing 1.0 mL of culture medium per embryo. A similar method is used when
culturing rat embryos from GD 8-GD 11. Changing culture medium on GD 9 seems to
provide better outcomes.

Custom-made mixed gases of medical grade are commercially available. E-size tanks will
be most convenient because of their small size and cost of approx $100-150 per tank.
At least the following three kinds of mixed gases are needed to culture embryos from GD 9-
GD 11 in the rat (GD 7-GD 9 in the mouse): 5% O,/5% CO,/90% N, 20%, O,/5% CO,/75% N,
and 95% O,/5% CO,. Although specific gas regulators are commercially available, a sur-
plus regulator for O,, which is commonly used in hospitals, is more affordable and usable
after the safety pins are destroyed.

Any type of apparatus that rotates culture bottles should work if rotation speed reaches
20 rpm or more, although most investigators recommend to use 30-60 rpm (see Note 44)
(This author’s first roller apparatus was a hot dog rotator modified by replacing an electric
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motor and removing a heating unit.) Precise temperature control is not an essential issue
for successful culture; that is, embryos grow well between 37.5°C and 38.5°C, although
maintenance of consistent temperature is important to minimize experimental variations.
When using a bottle rotator in a regular incubator, those with water jackets are not recom-
mended because they tend to overheat (4,6). Figure 17 shows two types of rotator/incuba-
tors that this author has been using satisfactorily which are recommended to those who
will be purchasing one.

When using isoflurane/N,0/O, with an anesthetic machine and vaporizer, proceed as fol-
lows: Put the animal’s head (rat) or whole animal (mouse) into a chamber while running
5% isoflurane/2 L/min N,O/1 L/min O,; induction of anesthesia usually takes only 10-15 s
by this method. Putting a small piece of towel over the animal helps to introduce the head
into the chamber. Massaging the animal’s chest during induction helps calm the rat. Moni-
toring the respiration and be careful not to overanesthetize the animal, which makes blood
drawing difficult. As soon as the animal is deeply anesthetized, turn down the isoflurane
concentration to 1%. (If 5% isoflurane is maintained, an animal may die within a few
minutes.) Immediately incise the abdominal skin and muscle as shown in Fig. 1B (5-10 s),
then turn off isoflurane and N,O but keep O, flow. The animal will remain anesthetized
during the blood drawing procedures even if anesthesia is terminated at this stage. Blood
drawing should take less than 30 s. If the anesthesia becomes too light, turn on the
isoflurane and N,O again to deepen it.

The use of alcohol is not to sterilize the animal surface but simply to prevent fur from
sticking to the scissors.

Use two cotton applicators to “wipe” away overlying tissue and expose the abdominal
aorta as much as possible; there are several layers of fascia surrounding the aorta. If the
exposure is not adequate, the needle may go into fascia instead of into the aorta. If that
happens, the blood cannot be withdrawn.

The bifurcation site of the abdominal aorta into the iliac arteries is a convenient place for
puncture. Keep the needle bevel down at the time of puncture, and then turn the bevel up
after inserting the needle into the aorta so that you can see blood coming into the tip of the
needle. Do not spend too much time trying to get as much blood as possible. Cardiac
massage by squeezing the closed chest or pausing the blood draw for a few seconds may
help to get more blood. Approx 8—10 mL of blood should be obtained from a 250-300 g
female rat.

Keep the tube and syringe vertical, and eject the blood slowly with a smooth action, aim-
ing toward the bottom of the tube. Rapid ejection or contact of the blood stream with the
tube wall may induce hemolysis, leading to a high potassium concentration in the serum,
which might be harmful for embryos. When hemolysis is induced, the serum shows a
reddish color.

Blood must be centrifuged immediately after sampling before clotting begins (26,27).
This is particularly important when culturing younger embryos, before stage 12, although
the exact reasons are not yet fully understood.

Remove as much fat as possible. Fat remaining attached to the uterus will reduce the
clarity of the solution.

Be careful not to damage the embryos located just beneath the incision site (Fig. 4A).
Rinse the deciduae well before transferring them to a new dish to keep the solution clean.
Grab the large side (mesometrium side) of decidua with forceps for transport to avoid
damaging the embryo.

Reichert’s membrane must be removed for successful culture (28,29). In mouse embryos,
there is a relatively large gap between Reichert’s membrane and embryo, and it is rela-
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gestational day
mouse 6 7 8 9

rat 8 9 10 11
9 ¢ 9 ¢ 9
5% Oz
20% Oz (
. 95% O2

Approximate
volume of
culture medium 05ml 05ml 1.0ml
(per embryo) 1.5ml

Fig. 18. Appropriate mixed gas O, concentrations at different stages of development and the
approximate volumes of culture medium. The exact timing for changing O, concentrations has
not been not well characterized but it does not seem to be critical for whole-embryo culture
experiments. In addition, the developmental stages are indicated by gestational day in this fig-
ure. Thus, the gray areas are used for transitional periods between different O, concentrations;
(A) at approx stage 13 and (B) at approx stage 15.

42.

43.

tively easy to remove the membrane. Contrarily, in rat embryos, there is sometimes no
space; thus, it is more difficult to remove Reichert’s membrane without damaging the rat
embryo. (See Fig. 5 for an easy way of removing Reichert’s membrane in rat embryos.)
Transfer embryos into the culture medium as soon as possible with a minimal volume of
HBSS. For a successful culture, one of the key factors seems to be not leaving embryos
too long in HBSS.

Appropriate concentrations of mixed gases at different stages of development are shown
in Fig. 18. At early stages of development, the embryo requires hypoxic conditions (27),
because the embryo depends highly on anaerobic metabolism (30). Although the exact
stage of development has not been determined when to switch from 5% to 20% O, it does
not seem to be critical, that is, at approx stage 13 (in the afternoon on GD 10 in rat and
GD 8 in mouse). It is more important to perform this procedure in a consistent manor in
each experiment. Before this stage, however, it is well known that normoxic or hyperoxic
conditions cause abnormal development. (Most cell lineage analysis studies using whole
embryo culture systems during the gastrulation period, between stages 9 and 10, have been
conducted under 5% CO, in air; thus, interpretation of those studies has to be done with
caution.) Similarly, the exact stage of development has not been determined when to
switch from 20% to 95% O,, that is, at around stage 15 (in the morning on GD 11 in rat
and GD 9 in mouse). Although some investigators use 45% O, during this transitional
period, it does not seem to be necessary. Figure 19 shows two examples of gassing sys-
tems, a sophisticated setup and a simple one. Gassing for 15-30 s should be enough to
replace the gas phase inside of the bottle. The flow rate is not critical but it should be high
enough to prevent the mixing of gases inside and outside of the bottle while closing the
bottle, but it should not be too high to produce bubbles in the culture medium. Although
some protocols suggest gassing for a longer period of time, this author does not recom-
mend such long gassing because the temperature in the culture medium will decrease if
the gassing period is prolonged. Close the cap quickly as the gassing needle is withdrawn
from the bottle. Actual O, tensions in the culture medium after gassing with 5, 20, and
95% O, are reported to be 60 mm Hg, 150 mm Hg, and 680 mm Hg, respectively (31).
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Fig. 19. Two examples of gassing systems. (A) An example of a sophisticated gassing sys-
tem. The mixed gases come from a gas cylinder, go though a flow meter (FM), through a
humidifier (H), and go into the culture bottle through a gassing needle (GN). During gassing, a
portion of the gases is removed using a sampling needle (SN) to the gas analyzer (GA) to
monitor gas concentrations: O,, CO,, N,O, and inhalational anesthetic agents, and these are
recorded on a chart recorder (CR). (B) A close-up picture of culture bottle during gassing. The
bottle is rotated on a roller apparatus. The mixed gases go through a 16-gage needle attached to
a plastic tuberculin syringe, which is connected to a gas cylinder. While pulling the gassing
needle out of the bottle, quickly cap the bottle. If done reasonably quickly with high enough
gas flow, only minimal mixing of gas in the bottle with outside gases occurs. This has been
confirmed by this author using a system shown in (A). (C) An example of a simple gassing system.

44. Rotation “promotes oxygenation of the medium by continuously exposing a fresh layer to
the gas phase, and assists respiration by keeping the explants gently swirling about in the
medium” (22). Although 30-60 rpm is generally recommended, to this author’s knowl-
edge, there is no published data available for the effects of rotation speed on culture out-
come. Vertical shakers seem to be too vigorous for embryos and are not recommended.
Make sure that the embryos are not sticking on the inside wall of the culture bottle before
placing the bottle on the rotator.

45. Co